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ABSTRACT
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Major Field: Agriculture Life Sciences
Major Professors: Angus L. Catchot and Fred R. Musser
Title of Study: Evaluation and management of neonicotinoid resistant tobacco thrips
(Frankliniella fusca) (Hinds) in cotton
Pages in Study 103
Candidate for Degree of Master of Science
Research was conducted 2014-2016 to determine how tobacco thrips
(Frankliniella fusca) (Hinds) resistance to neonicotinoid insecticides impact thrips
resistance to neonicotinoid insecticides in cotton, Gossypium hirsutum (L.).Studies
included bioassays to determine severity and mechanism of resistance and evaluation of
host plant characteristics in multiple cotton varieties. Another aspect of research focused
on the neonicotinoid insecticide clothianidin and its leaching ability as a seed treatment
on corn by evaluating soil type, water regime, and amount found in tissue.
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TOBACCO THRIPS RESISTANCE TO NEONICOTINOIDS IN MISSISSIPPI
Abstract
Reduced insecticidal efficacy of neonicotinoid insecticides used as seed
treatments against tobacco thrips, Frankliniella fusca (Hinds), in cotton, Gossypium
hirsutum (L.), has been observed in the southern U.S. Dose-response bioassays with
commonly used neonicotinoid insecticides thiamethoxam, imidacloprid, clothianidin, and
imidacloprid + thiodicarb were performed on field-collected adult female tobacco thrips.
In 2014, resistance to thiamethoxam was observed, but not to imidacloprid. Aeris had the
highest recorded LC50 in 2014. Resistance ratios of thiamethoxam increased from 2014 to
2015; however, in 2016 thrips collected in the Mississippi Delta declined to below the
2014 resistance level. In 2015, resistance to imidacloprid increased but declined in 2016.
In 2016, three collections of tobacco thrips from corn, Zea mays (L.), in Clay, Noxubee,
and Sharkey counties were assayed using thiamethoxam with PBO. In all three cases, the
LC50 did not significantly change as measured by overlapping confidence intervals. Host
did not significantly affect LC50 values in all assays. In all three years, neonicotinoid
resistance was higher in the Delta region than Hills region.
Introduction
Five species of thrips (Thysanoptera; Thripidae) are known to infest cotton,
Gossypium hirsutum (L.), seedlings across the United States: western flower thrips
1

(Frankliniella occidentalis (Pergande)), soybean thrips (Neohydatothrips variabilis
(Beach)), onion thrips (Thrips tabaci (Lindeman)), flower thrips (Frankliniella tritici
(Fitch)) and tobacco thrips (Frankliniella fusca (Hinds)) (Hinds 1902, Newsom et al.
1953). Tobacco thrips is the most common species infesting cotton seedlings, composing
approximately 90% of the total thrips population on seedling cotton in the midsouthern
United States (Stewart et al. 2013).
Tobacco thrips have a spindle shaped body and are less than 1.5 mm in length.
Adult female tobacco thrips can either be macropterous or brachypterous (Newsom et al.
1953, Chamberlin et al. 1992). The thrips life cycle has six stages; egg, two larval stadia,
prepupa, pupa, and adult (Watts 1934). Adult female tobacco thrips can reproduce by
sexual reproduction or parthenogenesis and live anywhere from 20 to 40 days (Jones
2005, Newsom et al. 1953). They begin reproduction by puncturing the leaf tissue with
their ovipositor and laying eggs in young cotyledons (Telford and Hopkins 1957). Eggs
lack a defense mechanism so they are laid in concealed places for protection (Sabelis and
Rijn 1997).
Tobacco thrips eggs hatch three to ten days after oviposition (Watts 1934) or
when 115 degree days have accumulated (Lowry et al. 1992). Upon larval eclosion,
tobacco thrips develop through two larval instars lasting approximately two to thirteen
days (Hinds 1902, Watts 1934) where they feed on young cotyledons (Telford and
Hopkins 1957). Larval tobacco thrips must accumulate 75 degree days prior to
transitioning into pupal development (Lowry et al. 1992). During the larval stage,
tobacco thrips are wingless and yellow in color (Telford and Hopkins 1957). Tobacco
thrips then transition into the prepupa stage in one to three days which is a non-feeding,
2

but mobile stage. After one to five days, prepupae drop to the soil and enter the pupal
stage (Hinds 1902; Watts 1934). Both pupal stages will develop for 47 degree days prior
to transitioning into the adult stage (Lowry et al. 1992). Together, both prepupal and
pupal stages last approximately one to ten days until adult emergence (Hinds 1902). Time
required for tobacco thrips development can fluctuate depending on average temperature;
however, it takes about 234 degree days (development threshold = 10.5ºC) for tobacco
thrips to develop from egg to adult (Hinds 1902, Lowry et al. 1992).
Tobacco thrips development continues throughout the winter months whenever
temperatures are above the development threshold of 10.5ºC (Lowry et al. 1992). In areas
with warm winters, thrips can continue to breed through the cooler months; however,
they will be smaller in size than during summer months (Andrewartha and Birch 1954).
Most thrips overwinter as hibernating adults on low-lying vegetation (Sabelis and Rijn
1997); however, some can overwinter as larvae on plants or as pupae in the soil
(Chamberlin et al. 1992). Primary hosts for overwintering adults include narcissus
(Narcissus jonquil (L.)), mouseear chickweed (Cerastium vulgatum (L.)), turnip
(Brassica rape L.), and several other species (Chamberlin et al. 1992). Tobacco thrips
hosts throughout the year include cotton, onion (Allium cepa L.)., and many other plant
species (Chamberlin et al. 1992).
Initially, thrips damage to cotton is manifested on the leaves. Damaged leaves
have a depressed or wrinkled appearance. Within a few days after feeding has occurred,
leaves will have a silvery sheen which is a result of air replacing cell contents in the
damaged cells (Telford and Hopkins 1957). Damage is magnified by leaf growth, causing
leaf distortion, malformation, and tearing (Telford and Hopkins 1957). “Possum
3

eared”cotton (Layton and Reed 1996) can occur after severe thrips damage, causing
cotton leaf edges to turn upward (Newsom et al. 1953). Thrips feeding can also delay the
maturity of cotton; however, delayed crop maturity is an inconsistent impact (Race 1961).
As cotton development continues the plant will compensate for damage from thrips that
occurred during early growth stages.
Seven to ten days after cotton emergence, the terminal bud begins to develop
which contains leaf tissue that will mature into the leaves and fruiting structures of the
plant. While this terminal bud is developing, the plant grows slowly. At this point, cotton
is vulnerable to thrips damage. Crazy cotton can occur if the terminal bud is destroyed by
insect feeding, resulting in the growth of multiple terminals (Newsom et al. 1953, Telford
and Hopkins 1957). Once cotton reaches the third or fourth leaf stage, thrips are not as
concentrated because there are more feeding sites available on the cotton plant (Layton
and Reed 1996) and thrips damage after this point is negligible. In 2016, Mississippi
producers lost over 16,000 bales (226.8 kg=1 bale) from thrips feeding, valued at over
four million dollars (Williams 2016). Estimated yield losses in cotton from thrips range
from 5 –124 kg of lint per hectare (Layton and Reed 1996, North 2016).
Thrips population dynamics are difficult to predict; however, it has been linked to
weather patterns such as temperature and rainfall (Andrewartha and Birch 1954).
Growing conditions play a major role on the magnitude of thrips damage to cotton.
Morsello and Kennedy (2009) showed that in years with large amounts of rainfall in the
spring, adult and especially immature populations of tobacco thrips were reduced.
Immature populations were able to recover from large rainfall events more sucessfully in
April than May; however, large rain events in April resulted in the greatest mortalility to
4

the immature thrips (Morsello and Kennedy 2009). Sabelis and Rijn (1997) reported Buhl
(1937) findings of a 95% decrease in larval population after a rain event with Kakothrips
pisivorus (Uzel) in field beans. If thrips are able to escape rainfall within flowers, buds,
or under leaves, Buhl (1937), as reported in Sabelis and Rijn (1997), reported in many
cases thrips come into contact with wet leaf surfaces after rain and become stuck or found
that they were unable to fly due to wet wings. During the spring, increasing temperatures
increase thrips activity, development, and population growth until winter hosts begin to
senesce (Lowry et al. 1992). Increasing temperatures and dry weather condtions allow
thrips to develop rapidly and they can migrate in large numbers into emerging cotton
(Morsello et al. 2008). Cool weather or drought conditions can prolong plant
vulnerability to thrips by slowing plant development (Cook et al. 2011). Cotton seedlings
that develop under warm conditons with optimal moisture availability can be able to
withstand more intense thrips pressure compared to seedlings that develop under cool dry
conditions (Layton and Reed 1996).
All (1992) reported no-till cotton fields had significantly lower thrips populations
than conventionally tilled fields. This is likely due to the residue on the soil surface
impeding their ability to detect host plants. The difference in the damage between the
plots remained noticable for 47 days after planting (All 1992.). Tillage can also hasten
emergence of overwintering populations because thrips can over winter as pupae in the
soil (Bailey 1934).
In many cases, thrips are already in a field prior to planting, because they emerge
from pupation within the soil (Layton and Reed 1996). Beaudoin and Kennedy (2012)
found that late spring vegetation management can influence thrips dispersal timing and
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magnitude. Early host plant removal can reduce thrips populations more than controlling
hosts later in the season. In addition, using a herbicide such as glyphosate that causes
gradual host senescence leads to gradual thrips dispersal while using paraquat, which
causes rapid plant senescence, causes a sudden migration of thrips.
Thrips have many natural enemies, (Sabelis and Rijn 1997) such as Spilomena
spp. (Shuckard) and Ammoplanus spp. (Giraud) in Hymenoptera, and Hippodamia spp.
and Coccinella spp. in Coleoptera. However, little is known about the impact of natural
enemies on thrips infesting cotton seedlings (Cook et al. 2011).
Neonicotinoid insecticides are a widely used due to broad-spectrum activity on
insect pests, low application rates and translocation abilities (Elbert et al. 2008).
Neonicotinoids provide control of many insects that were resistant to other chemical
classes, and were therefore quickly adopted on multiple crops grown across the world.
The green peach aphid (Myzus persicae (Sulzer)), was reported to be metabolically
resistant to organophosphates, carbamates, and pyrethroids (Elbert et al. 2008), but
producers were able to achieve control of resistant populations using imidacloprid
(Nauen and Denholm 2005). As of 2007, neonicotinoids made up over half of the global
insecticide market and represented approximately 535 million dollars in sales (Elbert et
al. 2008). Neonicotinoids are effective as insecticides due to their long residual activity
and a unique mode of action (Elbert et al. 2008). Neonicotinoids can be applied as a seed
treatment, foliar application, or in-furrow treatment. Because this chemical class is highly
systemic; neonicotinoids disperse through the plant moving acropetally to allow for
consistent and long lasting protection against many piercing-sucking pests. When
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neonicotinoids are foliar applied, translaminar activity provides protection of all parts of
the leaf from pests (Elbert et al. 2008).
Neonicotinoids are agonists on multiple nicotinic acetylcholine receptor (nAChR)
subtypes in both mammals and insects (Casida and Quistad 2004). The nAChRs provide
rapid neurotransmission within the insect’s central nervous system (Casida and Quistad
2004). Neonicotinoids are also known as postsynaptic acetylcholine mimics (Ware and
Whitacre 2004). Acetylcholine (ACh) is the predominant excitatory neurotransmitter in
the cholinergic nervous system of insects (Florey 1963). There are two different kinds of
ACh receptors, nicotinic and muscarinic. The nAChR is commonly found in insects while
the muscarinic receptor type is usually found in vertebrates (Breer and Sattelle 1987).
The nAChR is activated by ACh and neonicotinoid insecticide (Casida and Durkin 2013).
When activated by ACh, the ion channel will open and close as needed. When the
neonicotinoid insecticide attaches to the receptor, the channel is forced to remain open for
an extended period of time, causing an influx of extracellular sodium and an efflux of
intracellular calcium through the nAChR/ion binding channel which results in muscle
convulsions, paralysis and ultimately death (Casida and Quistad 2004).
In 1972 the first neonicotinoid, nithiazine, was described by Shell. This product
was never commercialized for agricultural use due to lack of photo-stability (Marrs
2011). In 1985, Ciba began researching neonicotinoids by changing several aspects of the
structure such as adding a chloro pyridinylmethyl group and replacing the nitro
methylene group with a nitro guanidine or cyano amidine moiety which led to the
discovery of photo stable neonicotinoids (Marrs 2011). The insecticidal class currently
contains seven chemicals that were released in two separate generations. The first
7

generation contained imidacloprid, nithiazine, acetamiprid, and thiacloprid (Casida and
Quistad 2004). These insecticides share a common structure of 6-chloropyrid-3-lmethyl
as a heterocyclic group (Maienfisch 2001).The remaining chemicals, thiamethoxam,
clothianidin, and dinotefuran are members of the second generation. The separate
generations do not signify that one is more efficacious than the other, rather different
release dates. The second generation neonicotinoids share a similar chemical structure
with the first generation neonicotinoids with the addition of a 2 –cholor-5-thiazoly
(Nauen et al. 2001, Jeschke 2008).
The first commercial neonicotinoid insecticide, imidacloprid, was developed in
1985, and commercialized in 1991 by Bayer Crop Science in the U.S. (Elbert et al. 2008,
Sur and Stork 2003). Imidacloprid is now registered on 140 crops in more than 120
countries and is considered to be the most widely used insecticide in the world (Jeschke
and Nauen 2005). It is commonly used on several agronomic crops such as cotton, sugar
beet (Beta vulgaris (L.)), oilseed rape (Brassica napus (L.)), rice (Oryza sativa (L.)), and
a variety of other crops (Jeschke and Nauen 2005). Imidacloprid acts systemically by
moving through the plant to the leaves, vascular fluids, and pollen (Bonmatin et al.2015).
Imidacloprid photolysis half-life varies depending on the method of application. Soil
drenching of imidacloprid to control hemlock wooly adelgid, (Adelges tsugae (Annand)),
showed residues of more than 120 ppb remained in the hemlock tissue two years after
application (Cowles et al. 2006). A mixture of thiodicarb + imidacloprid , Aeris®, (Bayer
Crop Science, Research Triangle Park, NC) is used to control early season cotton pests
such as thrips, cotton fleahoppers (Empoasca fabae (Harris)), cutworms (Agrotis spp.), as
well as reniform (Rotylenchulus reniformis (Goldi)), and root-knot nematodes
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(Meloidogyne spp.) (Bayer 2014). Aeris® was approved by the EPA in 2006. The seed
treatment contains 0.375 mg a.i. / seed imidacloprid and 0.375 mg a.i./seed thiodicarb
plus fungicides. Thiodicarb is a systemic carbamate insecticide/nematicide aiding in the
control of early season root-knot and reniform nematodes (Studebaker 2002).
Thiamethoxam, a crystalline odorless compound, was introduced following the discovery
of 2-chloro-5-thiazolyl moiety in 1998 by Ciba Crop Protection (Maienfisch 2001). The
moiety was used to increase the compound’s activity against sucking pests.
Thiamethoxam was the first neonicotinoid insecticide to be developed and
commercialized from the thianicotinyl subclass (Maienfisch 2001). Thiamethoxam
provides protection against a wide range of pests such as aphids, cotton fleahopper,
whiteflies, thrips, Colorado potato beetle (Leptinotarsa decemlineata (Say)); flea beetles,
and some lepidopteran pests. Thiamethoxam is sold as a foliar or soil treatment under the
trade names Actara®, Centric®, and Platinum®, or as a seed treatment as Cruiser®.
Duration of control depends on rate and method of application. As of 2008,
thiamethoxam was labeled for 115 crops and used in 64 countries. It is used on a wide
range of crops such as vegetables, potatoes (Solanum tuberosum (L.)), rice, cotton, fruit,
tobacco, and cereals. In terms of sales, thiamethoxam is second to imidacloprid as the
most commonly used neonicotinoid globally (Elbert et al. 2008).
In 2002, Sumitomo Chemical Takeda Agro Company and Bayer Crop Science
jointly introduced clothianidin. This insecticide controls a broad spectrum of insect pest
orders such as Coleoptera, Diptera, Hemiptera, and some Lepidoptera in cotton.
Clothianidin has several trade names such as Poncho as a seed treatment, Dantotsu® as a
soil application, and Dantop® or Belay® as a foliar application (Elbert et al. 2008).
9

North (2016) found that cotton seed treated with thiamethoxam averaged 127 kg
ha-1 more yield than plots without an insecticide treatment. The gain in yield when a seed
treatment was applied resulted in an increased return of $164.00/ha. Other studies have
also shown that imidacloprid protects yield when compared to untreated cotton seed
(Graham et al. 1995). Gencsoylu (2004) reported cotton seed treated with imidacloprid
reduced onion thrips and cotton aphids, Aphis gossypii (Glover), populations 30-37 days
after planting. Foliar applications are also effective, as foliar applications of imidacloprid
and thiamethoxam provided 67-87%control of aphids up to nine days after application
(Lawson et al. 1999).
The history of insecticide resistance dates back to Melander (1914) who reported
the first case of insecticide resistance in 1908 when lime-sulfur failed to control the San
Jose scale, Quadraspidiotus pernicious (Comstock). In 1939 and 1943, resistance was
reported in two citrus thrips species, Scirtothrips citri (Moulton) and Taeniothrips
simplex (Morison), to tartar emetic (Boyce et al. 1942). Resistant insect populations
became very common after the introduction of synthetic organic insecticides that were
introduced in the 1940s (Forgash 1984,Ware and Whitacre 2004). Over the years many
scientists have observed thrips resistance with multiple species and insecticides
(Insecticide Resistance Action Committee n.d., Boyce et al. 1942, Espinosa et al. 2002a,
Espinosa et al. 2002b, Immaraju and Morse 1990, MacIntyre Allen et al. 2005, Zhao et
al. 1995, Huseth et al. 2016, Brødsgaard 1994, Shelton et al. 2006, Martin et al. 2003,
Jensen 1998, Bielza et al. 2007, Kontsedalov et al. 1998, Herron and Gullick 2001,
Broadbent and Pree 1997, Cardona et al. 2002, Martin and Workman 1994, Loughner et
al. 2005, Immaraju et al. 1989, Herron and James 2007)
10

There are four primary mechanisms of insecticide resistance; target-site
insensitivity, reduced penetration, behavioral resistance and metabolic resistance. Targetsite resistance occurs when an insecticide binding site is genetically altered to prevent
binding of the insecticide, consequently reducing or eliminating the insecticide’s ability
to control the insect (Insecticide Resistance Action Committee n.d.). This type of
resistance is commonly seen with carbamates and organophosphates (Georghiou and
Saitō 1983).
Penetration resistance occurs when the insect develops barriers that slow the
absorption of lipophilic insecticides through the cuticle (Georghiou and Saitō 1983).
Normally this resistance mechanism compliments another type of resistance rather than
existing alone (Insecticide Resistance Action Committee n.d.). Hoyer and Plapp (1968)
found that house fly (Musca domestica L.) populations susceptible to dieldrin did not
have a higher LC50 than resistant strains, so they suggested that penetration resistance is
an intensifier to already existing resistance. Sawicki and Farnham (1969) showed that
overall resistance is much higher when metabolic resistance is accompanied by
penetration resistance, because a reduction in the rate of penetration gives the metabolic
system more time to metabolize the insecticide (Benezet and Forgash 1972).
Insects have shown the ability to detect and avoid an insecticide. This type of
resistance is known as behavioral resistance. This type of resistance to pyrethroids has
been seen in horn fly, Haematobia irritans (L.). Resistant populations are more sensitive
to the presence of the insecticide than susceptible populations and avoid it (Lockwood et
al. 1985).
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Insects with metabolic resistance, the most common form of insecticide
resistance, can modify or detoxify the compound at a fast enough rate to prevent
accumulation within their body (Georghiou and Saitō 1983, Insecticide Resistance Action
Committee n.d.). They can also have more complex enzyme systems that have broad
spectrum activity and high levels of efficiency (Insecticide Resistance Action Committee
n.d.). The complexity of the enzyme system can occur through enzyme over-expression
or over-active enzymes that aid in quick detoxification. Piperonyl butoxide (PBO) aids in
determining the mechanism of resistance by blocking the activity of enzymes that
metabolize the active ingredient of many insecticides. It is an inhibitor of cytochrome
P450 monooxygenases and a moderate inhibitor of esterases in some insects (Espinosa et
al. 2002a).When these enzymes are blocked, insecticide efficacy is improved (Envincio
2012). Metabolic resistance with neonicotinoids has been reported with numerous insects
such as brown planthopper, green peach aphid, and many more (Puinean et al. 2010,
Philippou et al. 2010). All of the recorded cases indicated that cytochrome P450 was the
cause of resistance. Piperonyl butoxide was used to determine that western flower thrips
had developed metabolic resistance to acrinathrin, deltamethrin, methamidophos and
endosulfan (Young et al. 2005). There are other synergists available to aid in determining
the mechanism of resistance such as S,S,S- tributyl phosphorotrithioate (DEF) used to
detect esterase based resistance and diethylmaleate (DEM) used to detect glutathione
transferase based resistance (Georghiou and Saitō 1983).
Several enzymes and detoxification pathways are involved in metabolic
resistance. Consequently, different synergists need to be used to detect various types of
metabolic resistance (Raffa and Priester 1985). The enzymes involved in metabolic
12

resistance all use nicotinamide adenine dinucleotide phosphate (NADPH) and oxygen,
and are associated with the microsomal fraction of tissue homogenates (Georghiou and
Saitō 1983). A few of the enzyme classes that can be involved are carboxylesterases,
amidases, phosphatases, glutathione S-transferases, dehydrochlorinases, and epoxide
hydrases (Raffa and Priester 1985). Mixed function oxidases are a family of enzymes
involved in metabolic insecticide detoxification. The process begins with the insecticide
forming a complex with the oxidized form of cytochrome P450 which is reduced by an
electron from NADPH. The reduced complex then reacts with oxygen. The reaction
results in a breakdown of the insecticide (Georghiou and Saitō 1983). This type of
resistance was first reported with the hydroxylation of DDT, an organochlorine
insecticide (Agosin et al. 1961). Other classes of insecticides such as carbamates,
nicotine, organophosphates, and pyrethroids are commonly metabolized by oxidation.
Type one mixed function oxidase resistance can be detected with a PBO synergist. Type
two mixed function oxidase resistance can be detected by using a WARF antiresistant
synergist (Raffa and Priester 1985).
Resistance can be measured using a bioassay. There are two basic types of
bioassays: contact and feeding. The best method depends on whether the insecticide must
be ingested (Miller et al. 2010). Examples of contact bioassays are a vial test following
the protocol developed by Plapp (1991) and topical assays (Espinosa et al. 2002b).
Examples of feeding bioassays include a vial technique described by Scott (1990), or for
smaller insects a 1.5 ml micro-centrifuge method used in Huseth et al. (2016).
Prior to 2011, producers were able to obtain adequate control of tobacco thrips by
using either an in-furrow application of acephate or aldicarb, or a seed treatment of
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acephate, imidacloprid, or thiamethoxam (Greene 2010). Starting in 2011, a decline in
thiamethoxam efficacy against thrips was observed in Mississippi cotton (Catchot et al.
2013). Several different theories were initially evaluated following the loss of insecticide
efficacy such as application errors, higher thrips pressure, and changes in formulation. As
poor efficacy became more common over the next few years, producers began making
supplemental foliar insecticide applications. During 2003, Mississippi growers used
neonicotinoid seed treatments on nearly all acreage and sprayed their cotton 0.414 times
for thrips (Williams 2004). In 2015, growers still used neonicotinoid seed treatments on
nearly all acreage but needed to also spray cotton one time for thrips (Williams 2016).
Mississippi is made up of two geographical areas the Hills and Delta. The Delta
region is composed of intensive agriculture with cropland making up 55% of the total
land area. On contrast, cropland makes up only 20% of total land area in the Hills region
of Mississippi (Fry et al. 2011). Due to the impact of neonicotinoid resistance in tobacco
thrips on cotton production practices and yield, the objective of this study was to
determine the level of neonicotinoid insecticide resistance of tobacco thrips in
Mississippi and evaluate the regional variation of resistance levels.
Materials and Methods
A long term laboratory colony was received from North Carolina State University
Entomology Department in May 2014 for use as a comparison to field collected
populations. The colony was established in North Carolina in 2012 and had not been
exposed to neonicotinoid insecticides.
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A total of thirty-seven populations were collected from the Hills region from corn,
soybean, sorghum (Sorghum bicolor L.), wild plants and cotton during 2014-2016 (Table
1.2). A total of forty-five populations were collected in the Delta region from wild plants,
soybean (Glycine max L.), corn, peanuts (Arachis hypogaea L.), and cotton during these
same years (Table 1.1). Populations were collected by gently beating plants onto a 36.7
cm x 25 cm white tray to dislodge thrips. Fifty dark colored thrips, presumably adult
female tobacco thrips, were collected using an aspirator that deposited thrips into a 1.5 ml
micro centrifuge tube (No. 02-681-5; Fisher Scientific, Waltham, MA). Thrips that did
not appear to be adult female tobacco thrips were not collected. The tubes were capped
with a micro centrifuge lid containing 155 microliters of a 3% sugar water solution and
sealed with laboratory parafilm (No. PM996EMD; Fisher Scientific, Waltham, MA). The
3% sugar water solution was made from a stock solution composed of 500 ml deionized
water, 15 g pure cane sugar, and 250 µl green dye (0.5% v/v; McCormick & Co. Hunt
Valley, MD). The dye enabled workers to see if the solution leaked into the tube,
compromising the viability of the adult thrips.
The aspirators were constructed by using 0.95 cm OD by 6.35 mm ID by 38 cm
latex tubing, a 1.5 ml micro centrifuge tube with detached snap-cap, a 14 cm long plastic
coffee stirrer, a 100 µl pipette tip (Fisher Scientific, Waltham, MA), and 1 cm2 thrips
proof gauze (100 µm nylon mesh screen, Midwest Filter Corp., Highwood, IL.) (Figure
1.1). Two holes were made in the micro centrifuge tube cap using a finishing nail the
same diameter as a 100 µl pipette tip (small end). The coffee stirrer was heated till
malleable and bent to facilitate collection. Approximately 2.5 cm of the stirrer was
inserted into one hole of the micro centrifuge tube cap. The 100 µl pipette tip (small end
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first covered with thrips-proof gauze) was inserted into the other hole in the lid. The
gauze was used to ensure thrips were not able to crawl up into the aspirator during
collection. Hot glue was used to secure the pipette tip and stirring straw to the micro
centrifuge tube lid. A piece of the latex tube was placed on the top of the pipette wide
mouth end (Figure 1.1).
After collection, tubes with thrips were stored in an insulated foam cooler with ice
packs for transport to the laboratory. Once in the laboratory, thrips were placed into white
buckets (VP-173302, 166 oz, Berry thin wall containers, PFS Sales Company, Raleigh,
NC.) with lids (VP-185566, Berry thin wall lid, PFS Sales Company, Raleigh, NC). The
lid and the bucket were modified by cutting holes in each and covering the holes with
thrips-proof gauze to provide ventilation without permitting escape. Populations were
generally assayed within three days of collection. All populations were reared on
insecticide-free cabbage in the Mississippi State Insect Rearing Facility in the Clay Lyle
Entomology Building at Mississippi State University. Thrips were maintained in a rearing
room at 27˚ C, 10:14 L:D, and 70% relative humidity. Cabbage leaves were soaked in a
sodium hypochlorite bath for five-minutes, and then laid on a paper towel to dry under a
laminar flow hood before being placed in the buckets. Cabbage leaves were used by the
thrips as a food source and oviposition substrate.
Thrips were fed three times per week and new egg buckets were started once per
week by removing the cabbage leaves from the adult buckets and tapping the leaves over
a white paper to remove all the adult thrips and placing the leaves into clean buckets. The
removed thrips were returned to the adult bucket. Thrips eggs hatched and developed in
the egg bucket.
16

Dose-response bioassays with three commonly used insecticides, imidacloprid
(Gaucho® 600FS, 600g L-1; Bayer Crop Science, Research Triangle Park, NC),
thiamethoxam (Cruiser® 5FS 600g L-1; Syngenta Crop Protection, Greensboro, NC),
clothianidin (Poncho® 600, 600g L-1, Bayer Crop Science, Research Triangle Park, NC),
and a combination product consisting of 299 g L-1 imidacloprid + 299 g L-1 thiodicarb
(Aeris® 600g L-1, Bayer Crop Science, Research Triangle Park, NC) were performed on
field collected adult female tobacco thrips during April to early July of 2014, 2015, and
2016. For each insecticide, a super stock solution was used to make the stock solution of
the highest concentration of the insecticide. (Table 1.2) Serial dilutions were made with a
sucrose solution to produce the desired insecticide concentrations. Each assay included
six to seven insecticide concentrations ranging from 0.78ppm to 360ppm plus an
insecticide free control of sugar water and 250 µl of green dye. Insecticide concentrations
were chosen based on rangefinder assays or previous assays from nearby regions. The
concentration of green dye used was determined by an assay testing three different
amounts of dye in sugar water. The highest concentration with no mortality (0.25 ppm)
was chosen to be the standard rate of green dye used in all assays.
Assays were also conducted with piperonyl butoxide (PBO), (Prentiss LLC,
Cary, North Carolina) added to the insecticide to assist in determining the mechanism of
resistance. Prior to starting the PBO + insecticide assays, an assay with four
concentrations of PBO alone (45.6, 456, 4,565, and 45,650 ppm) was performed. The
4,565 ppm PBO concentration was chosen for use in the assays because it was the highest
concentration of PBO that did not cause mortality. In the assays, 0.5 ml of formulated
PBO was added to every 100 ml of insecticide solution to make a 4565 ppm PBO
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solution. An assay without PBO was conducted simultaneously with the PBO assay and
served as a control for the assay. Caps containing 155µl of the insecticide solutions were
prepared the day of the assay. Laboratory Parafilm (Fisher Scientific, Waltham, MA)
measuring 2 cm x 2 cm was secured around the cap with a marker lid to seal the liquid
inside the cap. The excess Parafilm was then folded underneath the cap. Five thrips were
aspirated into each micro centrifuge tube and a cap containing insecticide solution was
placed on each tube. Five tubes were used for each concentration. The thrips were placed
in a growth chamber at 27 ˚C for approximately 48 hours. After 48 h the tubes were
opened to check for mortality. Thrips were considered dead if they were immobile when
gently prodded with a paint brush. Thrips that appeared to die by direct contact with the
insecticide (tear in parafilm) were excluded from results.
Data were analyzed using PROC PROBIT (Version 9.4, SAS Institute, Cary, NC).
Each assay from each collection was analyzed independently. Confidence intervals, slope
of the probit line, and goodness of fit were estimated for each bioassay. The slope of the
probit line was considered significant for P-value <0.05. Only assays with a significant
slope are included in the results. Resistance ratios were calculated by dividing the
average LC50 for each region and year by the average laboratory colony LC50 for the
corresponding insecticide. The average LC50s for thiamethoxam and imidacloprid in each
region during each year were also compared using PROC GLIMMIX where each assay
was considered a replicate. Fisher’s protected least significant difference test was used to
separate regions and years using α = 0.05. In 2014, field performance of seed treatments
suggested that thrips were susceptible to imidacloprid but resistant to thiamethoxam.
Based on resistance ratios from 2014 and the findings of Snodgrass et al. (1990), thrips
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populations were considered resistant if their LC50 was 3x more resistant than the
susceptible laboratory colony. Individual assays were not replicated, but populations
within a year and region were used as replicates in analyses of regions and years.
Results
The unselected laboratory colony was assayed three times with thiamethoxam and
three times with imidacloprid (Table 1.3) with an average LC50 for thiamethoxam of 0.78
±0.51 ppm and an average LC50 for imidacloprid of 1.40 ± 0.44 ppm (Table 1.2). These
average LC50 estimates were used as an estimate of baseline susceptibility for calculating
resistance ratios for the field populations.
Forty-seven assays on populations collected in the Hills region (Table 1.4) and 76
assays from the Delta (Table 1.5) region of Mississippi were conducted successfully
using the active ingredients found in Aeris®, Cruiser®, Gaucho® and Poncho®. Both
tables are summarized by active ingredient, year and region in Table 1.6. The variability
of LC50 estimates between populations within the Hills region was generally less than 10fold, while the variability of these same estimates between Delta populations often
exceeded 20-fold. The greatest variability was for six LC50 estimates for thiamethoxam in
the Delta region during 2015, which varied between 2.74 ppm and 223 ppm with a mean
LC50 of 22.1 ppm. The Delta region had higher mean LC50 estimates with all insecticides
each year except for 2015 when thiamethoxam and imidacloprid LC50 estimates were
higher in the Hills region. Clothianidin had the highest mean LC50 when compared to the
other insecticides each year tested except for 2014 in the Delta. Clothianidin is not
labeled for control of tobacco thrips, so high LC50s were expected. Imidacloprid +
thiodicarb was the most efficacious neonicotinoid insecticide tested in 2016 in the Hills
19

region, but had similar or higher LC50s than the other active ingredients most of the time.
(Table 1.6)
The most extensive field data and all laboratory colony data were collected from
assays using thiamethoxam and imidacloprid. In 2014, the estimated LC50 for
thiamethoxam was significantly higher in the Delta than in the Hills region (Table 1.7). In
2015 and 2016, thiamethoxam LC50 estimates were not statistically different between the
Hills and the Delta. There was a significant region by year interaction (F=8.07, df=2, 52;
P<0.01) for the LC50 of thiamethoxam. Resistance levels increased from 2014 to 2015 in
the Hills, but not in the Delta. Similarly, from 2015 to 2016, resistance levels fell in the
Hills but not in the Delta. Imidacloprid LC50 estimates were similar in the Hills and Delta
each year, so region was not a significant factor in predicting resistance (F=0.03; df=1,
33; P=0.86). Furthermore, there was no region by year interaction for the LC50 of
imidacloprid (F=1.28; df=2, 33; P=0.292), but LC50 estimates did vary by year (F=20.90;
df=2, 33; P<0.001) with estimates highest in 2015, followed by 2016, with 2014 having
the lowest LC50 estimates.
In 2016, three collections of tobacco thrips from corn in Clay, Noxubee, and
Sharkey counties were assayed using thiamethoxam with PBO. The populations
displayed low to moderate levels of resistance to thiamethoxam. The LC50 did not
significantly change with the addition of PBO for any collection as measured by
overlapping confidence intervals (Table 1.8). This suggests that the addition of PBO did
not overcome the primary resistance mechanism in tobacco thrips. Additional research
with different synergists and more resistant populations is needed to better elucidate the
mechanism of resistance to neonicotinoid insecticides being observed in tobacco thrips.
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Discussion
Overall, this research demonstrated that tobacco thrips in Mississippi are resistant
to neonicotinoid insecticides; particularly thiamethoxam and imidacloprid. The findings
and methods of this research are similar to those found by Huseth et al. (2016) who found
that 57% and 65% of the assayed populations in their study were resistant to
thiamethoxam and imidacloprid, respectively based on a diagnostic dose assay.
While our monitoring indicates that neonicotinoid resistance decreased from 2015
to 2016, a complete resistance reversal is highly unlikely due to continuing widespread
neonicotinoid use in the landscape. Currently, it appears that resistance levels fluctuate
from year to year, and this is likely to continue until resistance is uniformly spread among
all populations. If neonicotinoids were removed from the market, populations may revert
to a susceptible state if there are fitness costs (Kliot and Ghanim 2012). Additional work
could be conducted to determine if there are fitness costs associated with resistance. Field
populations could be collected for rearing to determine size of larvae, fecundity,
longevity, and development time. Data taken from the resistant population could be
compared to that taken from a susceptible laboratory colony. However, once resistance
becomes widespread enough to cause readily observed loss of efficacy, it is difficult to
reverse. In a study conducted by Yang et al. (2014), the brown planthopper, Nilaparvata
lugens (Stål), was able to become susceptible to imidacloprid after they were no longer
exposed to this insecticide for an extended period of time. Several fitness costs were
associated with brown planthopper resistance such as reduced larval survival rate, lower
adult emergence rate, reduced copulation rate, lower fecundity, and reduced hatchability
(Puinean et al. 2010). Another example is resistance of the sweet potato whitefly, Bemisia
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tabaci (Gennadius), to thiamethoxam. Several fitness costs are associated with the
resistant population such as lower fecundity, shorter longevity, longer developmental
time of the nymphal stages, smaller size of instars, and smaller pupae (Feng et al. 2009).
The addition of PBO did not change the level of insecticide resistance within the
three populations tested. Consequently there is no evidence that resistance of tobacco
thrips to neonicotinoid insecticides is due to type 1 mixed function oxidase metabolic
resistance. However, none of these populations were highly resistant to thiamethoxam, so
this resistance mechanism may be more apparent in more resistant populations. The PBO
synergist was chosen because documented resistance to neonicotinoid insecticides has
been predominantly due to metabolic resistance (Nauen et al. 2002, Philippou et al. 2010,
Puinean et al. 2010, Slater et al. 2011, Bass et al. 2015). However, there are several other
enzymes that can confer metabolic resistance such as type two mixed function oxidases,
carboxylesterases, amidases, phosphatases, transferases, dehydrochlorinases and epoxide
hydrases. The activity of these enzymes can be evaluated by using different types of
synergists (Raffa and Priester 1985). Other mechanisms that could also be involved in
neonicotinoid resistance are target-site and penetration resistance. Because resistance was
detected using a feeding assay, behavioral resistance seems an unlikely mechanism.
Regardless of the mechanisms responsible for neonicotinoid resistance in tobacco thrips,
multiple generations have been selected for neonicotinoid resistance and the proportion
of thrips resistant to neonicotinoids in most populations has reached a point where control
of this insect with neonicotinoid seed treatments is largely ineffective.
One limitation of this research is the variability of results from the laboratory
colony on which the resistance ratios were generated. In addition to the assays reported,
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several assays were conducted with the laboratory colony that failed to generate a
significant slope. Additional assays could not be conducted because the laboratory colony
generally remained small during the course of the research. Whether this was due to
rearing methods or colony genetics is unknown. While the laboratory colony data are
limited and somewhat variable, the LC50s were consistently lower than most field
collections, especially for thiamethoxam. While the resistance ratios may not be accurate,
the relative ratios to each other are not impacted, so our conclusions concerning the
changes to populations by region and year are unchanged.
Proper management of insecticidal classes is key to minimizing resistance.
Implementing an insect resistance management (IRM) program that is part of an
integrated pest management program (IPM) is an important part of avoiding potential
resistance with insecticides. In such a program, insecticides are only used if the expected
cost of insect damage is more than the cost of the insecticide plus application. Automatic
insecticide seed treatment applications for early season pests have become a routine for
many producers due to the frequency of economically damaging insect pests, the
unpredictability of environmental conditions, and convenience. While this appears to be
contradictory to an IPM approach, automatic seed treatment applications are consistent
with IPM when alternative foliar rescue treatments are less effective and there is a high
probability of the insect causing economic damage (Krell et al. 2004). In the midsouthern
United States, thrips infest nearly every hectare of cotton each year and frequently cause
economic damage if untreated (Williams 2013, 2014, 2015, 2016). While the use of seed
treatments may be consistent with IPM in cotton, overall use of neonicotinoids in the
landscape (other crops, ornamentals, turf, etc.) has not been within a well-constructed
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IRM program, so resistance to this class has developed. Resistance to thiamethoxam in
tobacco thrips likely developed due to its wide spread use as a seed treatment in cotton,
as well as, several other crops. Adoption rates in Mississippi are very high in corn,
peanuts, and soybean (Nauen and Elbert 2003; Cook et al. 2011; Haire 2014; North
2016). In Mississippi, corn is normally planted from March 15th – April 25th, soybeans
are planted from April to June, and cotton is planted during April to May (Whitten 1999),
so in many farmscapes, tobacco thrips will have passed one or more generations of
selection on neonicotinoid-treated crops prior to cotton planting, making the population
that arrives in cotton more tolerant to neonicotinoids. As a result of neonicotinoid
resistance in tobacco thrips, producers must incorporate additional or different control
strategies into their pest management program such as alternate insecticides with a
different mode of action, beneficial insects, cultural practices, and host plant resistance.
Although efficacy of neonicotinoid seed treatments against tobacco thrips has
declined, neonicotinoid seed treatments still provide value to producers by controlling
other insects, so removal of seed treatments from the market is not currently
recommended. Seed treatments provide producers with a method of controlling soil
insects and early season pests during the time of critical development when few other
control options are available.
Based on reports of reduced efficacy with thiamethoxam in 2012 and 2013, most
cotton producers switched to imidacloprid seed treatments in 2014, following a
recommendation by extension entomologists in the region (Catchot et al. 2013, Lorenz
2013, and Stewart 2013). The switch allowed producers to make fewer foliar applications
to their cotton for the control of early season thrips during 2014 (Williams 2014, 2015).
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Because the switch was from one insecticide to another within the same insecticide class,
this practice is likely a temporary solution. In 2014, cotton producers in Mississippi
planted 171,991 ha-1 and experienced a 0.40% yield loss due to thrips damage (Williams
2015). In 2015, 129,555 ha of cotton were planted in Mississippi and the combination of
high thrips pressure and neonicotinoid resistance caused an average of 1.0% yield loss
(Williams 2016). An increasing frequency of imidacloprid resistance during 2015, as
documented by the bioassays reported here, was likely responsible for the increased yield
loss. The percent yield loss and increase in foliar applications (from 0.44 in 2014 to 0.61
in 2015) suggests that more populations of tobacco thrips within the region had become
resistant to both thiamethoxam and imidacloprid, consistent with Huseth et al. (2016).
Once resistance developed with thiamethoxam and producers switched to
imidacloprid, control failures with imidacloprid were soon reported because these
insecticides have the same mode of action. In order to reduce the rate of resistance
development, producers should switch to another mode of action rather than switching to
other products within the same insecticidal class (Insecticide Resistance Action
Committee n.d.). In most cases, producers did not switch to another insecticide class due
to the convenience, low cost, and broad-spectrum efficacy of neonicotinoid seed
treatments, and the limited availability of alternative options. If producers across a wide
geographic region had chosen products with alternate modes of action, it may not
necessarily have prevented the development of neonicotinoid resistance; however, it
could have delayed the onset of resistance (Insecticide Resistance Action Committee
n.d.).
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During 2016, many row crop personnel recommended Aeris® (imidacloprid +
thiodicarb) seed treatment as a control method for tobacco thrips on seedling cotton due
to its second mode of action. Thiodicarb works as an acetylcholinesterase inhibitor and is
a member of the carbamate insecticide class. Thiodicarb may provide some control of
tobacco thrips or the thiodicarb could be synergizing the neonicotinoid. Other at-planting
alternatives to neonicotinoid seed treatments are a foliar, in-furrow or seed treatment
application of the organophosphate acephate, an in-furrow application of aldicarb and an
in-furrow application of imidacloprid +fluopyram. Aldicarb was available in Georgia
during 2016, availability in 2017 in Mississippi will most likely be very limited. In the
past, foliar applications alone have never provided adequate control of tobacco thrips due
to the difficulty of a timely application. Regardless of at-planting application, producers
are advised to monitor for thrips and make supplemental foliar applications if populations
exceed one adult per cotton seedling with immatures present (Catchot et al. 2016). Due to
insecticide resistance, tobacco thrips management is not as simple as it was in the past,
but some effective chemical control options are still available in the short term. To make
cotton production more sustainable, research must focus on developing varieties with
resistance to thrips feeding, biological controls for thrips, and insecticide with different
mode of action that will control thrips.
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Table 1.1

Amount of active ingredient in super stock

Active Ingredient

Super Stock Concentration (ppm)

Stock Solution (ppm)

(99.64 ml 3% sucrose + 360µl

(90 ml 3% sucrose + 10ml

formulated product)

super stock)

Thiamethoxam

1713

171

Imidacloprid

1753

175

Clothianidin

1728

172

Imidacloprid +

864+864

86+86

Thiodicarb

27

28

Assay Date

Thiamethoxam
19-June-14
(Cruiser®)
9-July-14
4-Aug-14
Imidacloprid
15-Apr-15
(Gaucho®)
12-Aug-15
21-Aug-15

Active
Ingredient

160
159

0.84
2.27
1.09

1.77
0.11

160
139
147

0.45

LC502

172

n1

0.58
1.18
0.96

1.38
0.03

0.29

3.47
3.00
4.38

2.15
0.18

0.67

95% Confidence
Interval (ppm)
Low3
High4

0.467
0.210

0.630

0.147
0.220

0.186

P> χ2 (5)

Laboratory colony assay results for thiamethoxam and imidacloprid.

LC50 and confidence intervals reported in parts per million of active ingredient (PPM).
1) Number of thrips assayed
2) Estimate of the lethal concentration that would kill 50% of the population
3) Lower 95% confidence interval for the LC50 estimate
4) Higher 95% confidence interval for the LC50 estimate
5) Pearson Goodness-of-fit Statistics P> χ2 (*poor fit with P<0.10)
6) Slope of concentration in probit analysis
7) Probability of slope occurring by chance

Table 1.2

0.553 (±0.160)
1.779 (±0.569)
0.604 (±0.153)

0.770 (±0.124)
2.946 (±0.879)
0.671 (±0.166)

Slope6

0.002
<0.001

<0.001

<0.001
<0.001

<0.001

P of Slope7

Table 1.3

Information about the Mississippi Hills and Delta region populations
collected for neonicotinoid bioassays.

Population1

Collection Date

aokti6w16
aokti7w16
aokti8c16
mokti9s14
jchick1c14
jclay4c16
jclay5c16
jlown1c14
jnoxu4s14
jnoxu5c16
jokti3c14
jwebs1c14
mcalh1c15
mchick2w15
mclay1w14
mclay2w14
mclay3c16
mlayf1w15
mlown2c16
mmonr1w15
mmonr2c15
mmonr3w15
mmonr4w15
mnoxu1w14
mnoxu2c14
mnoxu3w14
mnoxu5c16

21-Apr-16
5-Apr-16
21-Apr-16
12-May-14
6-Jun-14
1-Jun-16
7-Jun-16
4-Jun-16
6-Jun-14
1-Jun-16
4-Jun-14
6-Jun-14
12-May-15
14-May-15
20-May-14
6-May-14
12-May-16
12-May-15
16-May-16
11-May-15
12-May-15
12-May-15
14-May-15
20-May-14
27-May-14
6-May-14
16-May-16

Assay Date
Hills Region
23-Apr-16
5-Apr-16
21-Apr-16
13-May-14
10-Jun-14
2-Jun-16
8-Jun-16
5-Jun-16
9-Jun-14
2-Jun-16
5-Jun-16
10-Jun-14
12-May-15
14-May-15
21-May-14
10-May-14
13-May-16
12-May-15
17-May-16
14-May-15
12-May-15
12-May-15
14-May-15
21-May-14
28-May-14
9-May-14
17-May-16
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County

Host

Oktibbeha
Oktibbeha
Oktibbeha
Oktibbeha
Chickasaw
Clay
Clay
Lowndes
Noxubee
Noxubee
Oktibbeha
Webster
Calhoun
Chickasaw
Clay
Clay
Clay
Lafayette
Lowndes
Monroe
Monroe
Monroe
Monroe
Noxubee
Noxubee
Noxubee
Noxubee

wild plants
wild plants
corn
sorghum
corn
corn
corn
corn
soybean
corn
corn
corn
corn
wild plants
wild plants
wild plants
corn
wild plants
corn
wild plants
corn
wild plants
wild plants
wild plants
corn
wild plants
Corn

Table 1.3 (Continued)
Population1
mnoxu6c15
mnoxu7c16
mnoxu8c16
mokti10c16
mokti1c14
mokti4c14
mokti5w15
mwebs2w15
mwebs3c16

Collection Date3
19-May-15
16-May-16
5-May-16
19-May-16
20-May-14
12-May-14
9-May-15
12-May-15
24-May-16

jboli1w14
jboli4w15
jboli6c16
mboli2w14
mboli3w14
mboli5c16
jcoah3s15
mcoah1w14
mcoah2w14
mcoah4c16
mgren1c16
mhump1w14
mhump2s16
mhump3c16
jisaq1c16
jlefl3c14
mlefl2s14
mlefl1w14
mlefl4w15

5-Jun-14
3-Jun-15
13-Jun-16
21-May-14
27-May-14
17-May-16
4-Jun-15
21-May-14
27-May-14
18-May-16
24-May-16
13-May-14
11-May-16
24-May-16
31-May-16
18-Jun-14
27-May-14
13-May-14
11-May-15

Assay Date4
19-May-15
17-May-16
9-May-16
23-May-16
20-May-14
14-May-14
12-May-15
12-May-15
25-May-16
Delta Region
5-Jun-14
3-Jun-15
14-Jun-16
22-May-14
28-May-14
18-May-16
4-Jun-15
22-May-14
28-May-14
19-May-16
25-May-16
14-May-14
13-May-16
25-May-16
1-Jun-16
19-Jun-14
28-May-14
14-May-14
11-May-15

30

County5
Noxubee
Noxubee
Noxubee
Oktibbeha
Oktibbeha
Oktibbeha
Oktibbeha
Webster
Webster

Host6
corn
corn
corn
corn
corn
cotton
wild plants
wild plants
corn

Bolivar
Bolivar
Bolivar
Bolivar
Bolivar
Bolivar
Coahoma
Coahoma
Coahoma
Coahoma
Grenada
Humphreys
Humphreys
Humphreys
Issaquena
Leflore
Leflore
Leflore
Leflore

wild plants
wild plants
corn
wild plants
wild plants
corn
soybean
wild plants
wild plants
corn
corn
wild plants
soybean
corn
corn
corn
soybean
wild plants
wild plants

Table 1.3 (Continued)
Population1
mlefl5s15
mlefl7c16
mlefl6c15
mlefl8c15
jquit1s15
mquit2c16
jshark2w14
jshark1w14
jshark3s15
jshark4c16
jshark5c16
jshark4c16
jsunf2s14
jsunf3s15
msunf1w14
msunf4s16
msunf7c16
msunf5c16
msunf6c16
jtall3s14
jtall6c16
mtall1w14
mtall2s14
mtall5c16
mtall4s16
jwash2s14
jwash3w14
jwash5p15
jwash4s15

Collection Date3
2-Jun-15
23-May-16
16-May-15
4-May-15
4-Jun-15
23-May-16
5-Jun-14
2-Jun-14
9-Jun-15
31-May-16
6-Jun-16
31-May-16
3-Jun-14
5-May-15
13-May-14
5-May-16
10-May-16
16-May-16
18-May-16
18-Jun-14
13-Jun-16
21-May-14
27-May-14
23-May-16
16-May-16
16-Jun-14
5-Jun-14
16-Jun-15
4-Jun-15

Assay Date4
2-Jun-15
24-May-16
17-May-15
4-May-15
4-Jun-15
24-May-16
9-Jun-14
3-Jun-14
9-Jun-15
2-Jun-16
7-Jun-16
1-Jun-16
3-Jun-14
9-May-15
14-May-14
9-May-16
11-May-16
17-May-16
19-May-16
19-Jun-14
14-Jun-16
22-May-14
28-May-14
24-May-16
17-May-16
17-Jun-14
9-Jun-14
16-Jun-15
4-Jun-15
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County5
Leflore
Leflore
Leflore
Leflore
Quitman
Quitman
Sharkey
Sharkey
Sharkey
Sharkey
Sharkey
Sharkey
Sunflower
Sunflower
Sunflower
Sunflower
Sunflower
Sunflower
Sunflower
Tallahatchie
Tallahatchie
Tallahatchie
Tallahatchie
Tallahatchie
Tallahatchie
Washington
Washington
Washington
Washington

Host6
soybean
corn
corn
corn
sorghum
corn
wild plants
wild plants
soybean
corn
corn
corn
soybean
soybean
wild plants
soybean
corn
corn
corn
soybean
corn
wild plants
soybean
corn
soybean
soybean
wild plants
peanuts
soybean

Table 1.3 (Continued)
Population1
mwash1c14
mwash6c16
jyazo1w14
jyazo2w14
jyazo3c15
jyazo5c16
myazo4c16

Collection Date3
21-May-14
24-May-16
5-Jun-14
2-Jun-14
8-Jun-15
31-May-16
10-May-16

Assay Date4
22-May-14
25-May-16
9-Jun-14
3-Jun-14
9-Jun-15
1-Jun-16
11-May-16

County5
Washington
Washington
Yazoo
Yazoo
Yazoo
Yazoo
Yazoo

Host6
corn
corn
wild plants
wild plants
cotton
corn
corn

1) Population name: 1st letter of collection month, abbreviation of collection county, collection number for
that county during the year, 1st letter of host, and last two numbers of year collected.
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Imidacloprid +
mclay1w14
Thiodicarb (Aeris®)
mnoxu1w14
jnoxu4s14
aokti6w16
aokti8c16
jnoxu5c16
Thiamethoxam
mclay2w14
(Cruiser®)
mclay1w14
mnoxu1w14
mokti1c14
RR8=8.1
mokti9s14
mnoxu3w14

Population

7.43
3.86
5.92
5.25
2.94
3.81

145
153
128
252
164

3.05
9.96
0.41
3.02
1.58

147
172
161
194
130
83

7.68

LC50

2

149

n

1

1.54

2.89

3.42
0.97

0.10
0.44
0.46

0.83

2.34

Low3

N/A

N/A

N/A

6.06

7.63

11.45
7.16

0.65
3.03
2.69

5.20

12.62

High4

95% Confidence
Interval (CI)

0.306
0.024*
0.771
0.078*
0.476

0.967

0.378
0.092*
0.955
<0.001*
0.446

0.507

P>χ

2 (5)

Mississippi Hills region neonicotinoid assay results from 2014, 2015, and 2016.

Active Ingredient

Table 1.4
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1.199(±0.339)
0.755 (±0.186)
0.509 (±0.227)
0.869 (±0.187)
0.348 (±0.148)
0.909 (±0.286)

0.702 (±0.188)
0.740 (±0.294)
1.050 (±0.337)
0.887 (±0.336)
1.127 (±0.299)

0.997 (±0.258)

Slope

6

<0.001
0.025
<0.001
0.019
0.002

<0.001

<0.001
0.012
0.002
0.008
<0.001

<0.001

P of
Slope7
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RR8=8.6

RR8=45.5

Active Ingredient

n1
167
153
159
152
318
433
300
381
316
290
402
228
175
72
196
166

Population
jokti3c14
jchick1c14
jwebs1c14
mmonr2c15
mmonr1w15
mcalh1c15
mmonr3w15
mmon1w15
mwebs2w15
mlayf1w15
mchick2w15
mnoxu6c15
mclay3c16
aokti7w16
mlown2c16
mnoxu5c16

Table 1.4 (Continued)

4.64
4.41
2.40
27.84
14.90
46.78
22.34
14.89
17.92
14.56
31.82
38.16
1.22
3.86
4.55
2.57

LC502

N/A
3.85

High4
6.07

N/A
6.56
26.19
26.82
100.87
2.66
184.87
6.56
26.20
10.94
27.49
0.09
84.54
9.51
232.79
19.71
81.18
0.62
1.91
0.81
6.19
N/A
0.45
29.75

0.65

Low3
3.07

95% Confidence
Interval (CI)
0.386
<0.001*
0.887
0.025*
0.001*
0.038*
0.001*
0.001*
0.228
0.016*
<0.001*
0.392
0.354
0.565
<0.001*
0.009*

P>χ2 (5)
1.390 (±0.294)
0.632 (±0.312)
0.989 (±0.285)
0.409 (±0.209)
0.757 (±0.172)
0.508 (±0.120)
5.400 (±0.137)
0.757(±0.172)
0.498 (±0.086)
0.354 (±0.122)
0.381 (±0.135)
0.487 (±0.120)
0.978 (±0.177)
1.198 (±0.440)
0.697 (±0.296)
1.158 (±0.391)

Slope6

<0.001
0.048
<0.001
0.019
<0.001
<0.001
0.003
<0.001
<0.001
<0.001
0.005
<0.001
<0.001
0.006
0.019
0.003

P of slope7
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RR=1.98

RR =20.4

8

RR =0.4

8

Imidacloprid
(Gaucho®)

Active Ingredient

Table 1.4 (Continued)

0.83
0.34
0.29
0.58
28.58
27.84
0.49
4.20
5.57
1.55

66
135
104
172
129
151
194
142
203
96
55
195
177

mokti4c14
mnoxu1w14
jlown1c14
mnoxu2c14
mokti5w15
mmonr4w15
aokti7w16
mnoxu5c16
aokti8c16
mokti10c16
mnoxu7c16
mwebs3c16
mnoxu8c16

1.34

4.96

1.86

10.65
5.88

80
200

aokti8c16
jclay4c16

LC502

n1

Population

0.02

0.33
N/A

7.69

7.36

0.60
1.76
25.02
94.91
4.63
1179
0.46
6.80
4.25
11.14
N/A
N/A

N/A
N/A
N/A

<0.001*

0.013*

0.262

<0.001*
0.092*
0.388
0.753
0.493
0.207
0.295
0.052*
<0.001*

0.032*

0.828
0.121

Low3
2.25
0.28

High4
21.69
11.35

P>χ2 (5)

95% Confidence
Interval (CI)

0.451 (±0.232)

0.391 (±0.163)

1.387 (±0.560)

0.803 (±0.329)
0.606 (±0.314)
0.530 (±0.220)
0.814 (±0.156)
0.834 (±0.229)
0.192(±0.427)
0.643 (±0.236)
1.996 (±0.791)
0.448 (±0.230)
0.861 (±0.418)

0.743 (±0.252)
0.928 (±0.385)

Slope6

0.006

0.016

0.013

0.054
0.016
<0.001
0.001
0.001
0.007
0.012
0.005
0.039

0.015

0.003
0.016

P of slope7
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n1
139
88
130
114

Population
jclay5c16
mokti4c14
mnoxu1w14
jokti3c14

5.37
21.44

7.89

1.34

LC502

14.29

N/A
17.43
26.21

1.95

Low3
High4
N/A

95% Confidence
Interval (CI)

0.038*
0.032*

0.444

0.002*

P>χ2 (5)

0.517 (±0.257)
2.530 (±0.413)

0.791 (±0.250)

0.619 (±0.309)

Slope6

0.045
<.0001

0.002

0.045

P of
Slope7

LC50 and confidence intervals reported in parts per million of active ingredient (PPM).
N/A: SAS did not produce confidence interval
1) Number of thrips assayed
2) Estimate of the lethal concentration that would kill 50% of the population
3) Lower 95% confidence interval for the LC50 estimate
4) Higher 95% confidence interval for the LC50 estimate
5) Pearson Goodness-of-fit Statistics P> χ2 (*poor fit with P<0.10)
6) Slope of concentration in probit analysis
7) Probability of slope occurring by chance
8) Resistance ratios were calculated by dividing the average field colony LC50 for each insecticide and year by the mean laboratory colony LC50 of 0.56
PPM for thiamethoxam and 1.40 PPM for imidacloprid.

Clothianidin
(Poncho®)

Active Ingredient

Table 1.4 (Continued)

Active Ingredient

jboli1w14
jshark1w14
jyazo1w14
jwash2s14
jlefl3c14
jsunf2s14
mlefl5s15
msunf7c16
msunf5c16
mboli5c16
mquit2c16
mtall5c16
mwash6c16
jshark4c16

Population
41.45
5.71
31.71
5.94
6.22
41.12
15.25
23.02
5.55
3.91
1.30
5.77
4.05
6.84

140
129
144
59
112
135
134
116
151
138
129
145
167

LC502

118

n

1

3.12
5.77
1.88
0
0.12
0.01
2.57
3.18

0.93
0.14

1.65

13.94

12.65
11.56

N/A
337.04
33.87
9.81
15.27
3.21
27.89
6.25
13.42

N/A

9.00

88.50

95% Confidence
Interval (CI)
Low3
High4

Mississippi Delta assay results for 2014, 2015, and 2016.

Imidacloprid +
Thiodicarb (Aeris®)

Table 1.5
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0.847
0.064*
0.263
0.414
0.035*
0.196*
0.802*
0.182
0.080*
0.107
0.059
0.865
0.145

0.311

P> χ2 (5)

0.789 (±0.302)
1.097 (±0.330)
0.578 (±0.271)
0.663 (±0.178)
1.203 (±0.504)
0.662 (±0.297)
0.436 (±.200)
1.461 (±0.596)
0.573 (±0.138)
0.564 (±0.187)
0.332 (±0.160)
1.362 (±0.415)
1.261 (±0.430)
0.588 (±0.145)

Slope

6

<0.001
0.033
0.024
0.017
0.026
0.030
0.014
<0.001
0.003
0.002
0.001
0.003
<0.001

0.009

P of
Slope7
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RR8=39.5

RR8=29.8

Thiamethoxam
(Cruiser®)

Active Ingredient

Table 1.5 (Continued)

mhump1w14
msunf1w14
mboli2w14
mcoah1w14
mtall1w14
mwash1c14
mboli3w14
mcoah2w14
mlefl2s14
mtall2s14
jshark2w14
jyazo2w14
jwash3w14
jshark3s15
jwash5p15
jyazo3c15

Population
14.33
16.28
13.33
19.09
24.12
16.08
16.96
13.20
16.12
31.34
10.43
9.24
16.82
4.84
9.16
2.74

83
99
164
118
170
145
175
165
148
164
167
124
184
295
209

LC502

83

n1

2.77

0.002
2.95
12.55
13.68
13.27
9.18
9.09
11.91
19.92
7.41
4.80
9.45

10.25

N/A

N/A

19.05

23.45
25.22
25.74
31.67
19.60
23.58
17.59
19.89
44.42
13.53
13.08
23.13

18.96

95% Confidence
Interval (CI)
Low3
High4
0.516
0.692
0.856
0.765
0.104
0.974
0.519
0.982
0.265
0.927
0.472
0.983
0.016*
0.007*
<.0001*

0.796

P> χ2 (5)
2.195 (±0.615)
1.640 (0.839)
0.949 (±0.261)
1.261 (±0.249)
2.270 (±0.741)
2.154 (±0.354)
1.437 (±0.337)
1.232 (±0.221)
2.147 (±0.559)
1.383 (±0.243)
1.540 (±0.321)
1.37 (±0.3562)
1.445 (±0.365)
0.352 (±0.169)
9.560 (±0.285)
0.595 (±0.256)

Slope6

0.050
<0.001
<.0001
0.002
<0.001
<0.001
<0.001
<0.001
<0.001
<0.001
<0.001
<0.001
0.037
<.0001
0.020

0.003

P of
Slope7
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RR8=17.4

Active Ingredient

Table 1.5 (Continued)
n1
512
155
108
158
114
140
209
115
211
142
176
129
173
188
136
142

Population
mlefl8c15
jsunf3s15
jboli4w15
msunf4s16
myazo4c16
msunf5c16
mhump2s16
mlefl7c16
msunf6c16
mcoah4c16
mgren1c16
mhump3c16
mwash6c16
jyazo5c16
jshark4c16
jshark5c16

31.59
61.04
23.23
1.39
9.96
1.40
8.03
13.58
2.77
18.39
19.25
31.15
5.14
5.56
6.46
7.41

LC502

95% Confidence
Interval (CI)
Low3
High4
13.70
70.83
N/A
5.46
68.39
N/A
0.17
56.03
1.22
1.62
0.09
136.40
N/A
N/A
N/A
2.78
218.47
15.14
225.14
0.65
11.42
2.30
10.65
0
36.93
N/A
(5)

<.0001*
0.037*
0.268
0.017*
0.030*
0.305*
0.014*
0.016*
<.0001*
0.053*
0.276*
0.112
0.377
0.188*
0.111
0.003

P> χ2
0.671 (±0.187)
0.736 (±0.346)
0.461 (±0.148)
0.498 (±0.251)
0.676 (±0.226)
1.81 (±0.264)
0.589 (±0.200)
0.734 (±0.269)
0.460 (±0.256)
1.924 (±0.623)
0.308 (±0.126)
0.423 (±0.146)
0.459 (±0.150)
0.506 (±0.093)
0.333 (±0.161)
0.751 (±0.341)

Slope6

0.002
0.033
0.002
0.047
0.003
<0.001
0.003
0.006
0.072
0.002
0.014
0.004
0.002
<0.001
0.038
0.028

P of
Slope7
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RR8=12.1

RR8=0.6

Imidacloprid
(Gaucho®)

Active Ingredient

Table 1.5 (Continued)

1

n
146
158
194
183
184
184
149
60
198
187
152
154
240
167
206

Population
jtall6c16
jboli6c16
mcoah2w14
mlefl2s14
jshark2w14
jyazo2w14
jboli1w14
jwash2s14
mlefl1w14
jtall3s14
jwash4s15
mlefl8c15
jquit1s15
jsunf3s15
jcoah3s15

9.42
6.58
0.69
1.31
0.21
1.64
1.78
0.83
0.17
0.59
1.96
6.69
21.46
32.82
21.46

LC50

2

95% Confidence
Intervals (CI)
Low3
High4
5.84
13.58
N/A
0.24
3.22
N/A
0.08
0.79
1.47
5.35
N/A
0.003
4.09
0.03
0.67
0.30
2.27
1.76
7.18
24.03
40.23
1.10
297.95
N/A
1.10
37.24
Slope

6

0.165
0.812 (±0.145)
0.043
0.479 (±0.173)
0.191 0.578 (±0.130)
0.001*
0.718 (±0.330)
0.113
0.759 (±0.209)
0.113
0.679 (±0.1349)
0.003*
1.120 (±0.455)
0.887
0.703 (±0.319)
0.326
0.622 (±0.176)
0.371
0.416 (±0.092)
0.046*
1.313 (±0.309)
0.084*
0.577 (±0.149)
0.050*
0.311 (±0.096)
0.023*
0.490 (±0.216)
0.417
0.472 (±0.1330)

P> χ

2 (5)

<0.001
0.006
<0.001
0.030
<0.001
<0.001
0.014
0.027
<0.001
<0.001
<0.001
<0.001
<0.001
0.007
<0.001

P of
Slope7
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118

mlefl4w15

29.92

13.84

5.09
1.77
1.25
1.65
2.33
0.70
0.94
5.81
15.22
31.99
1.93
18.46
20.62

LC50

2

12.90

1021.44

N/A

95% Confidence
Intervals (CI)
Low3
High4
N/A
N/A
0.74
1.93
0.79
2.98
N/A
0.06
1.99
0.06
5.23
3.29
9.58
N/A
9.16
327.09
0.20
20.67
11.34
36.52
15.58
27.07
0.524

0.069*

0.676 (±0.313)

0.285 (±0.149)

Slope

6

0.0077* 0.343 (±0.160)
<.0001* 0.404 (±0.184)
0.335
0.101 (±0.192)
0.959
0.494 (±0.121)
0.004*
0.372 (±0.168)
0.124
0.343 (±0.160)
0.621
0.421 (±0.133)
0.388
0.693 (±0.115)
0.029
3.535 (±1.790)
0.284
0.463 (±0.189)
0.024*
0.494 (±0.121)
0.203 1.413 (±0.431)
0.450
1.932 (±0.456)

P> χ

2 (5)

0.031

0.056

0.027
0.028
<0.001
<0.001
0.059
<0.001
0.002
<0.001
0.049
0.014
<0.001
<0.001
<.0001

P of
Slope7

LC50 and confidence intervals reported in parts per million of active ingredient (PPM).
N/A: SAS did not produce confidence interval
1) Number of thrips assayed
2) Estimate of the lethal concentration that would kill 50% of the population
3) Lower 95% confidence interval for the LC50 estimate
4) Higher 95% confidence interval for the LC50 estimate
5) Pearson Goodness-of-fit Statistics P> χ2 (*poor fit with P<0.10)
6) Slope of concentration in probit analysis
7) Probability of slope occurring by chance
8) Resistance ratios were calculated by dividing the average field colony LC50 for each insecticide and year by the mean laboratory colony LC50 of 0.56 PPM for
thiamethoxam and 1.40 PPM for imidacloprid.

150

RR8=3.14

jboli1w14

161
187
114
140
84
124
164
155
189
150
122
48
82

msunf5c16
mwash6c16
msunf6c16
myazo4c16
mtall4s16
mlefl7c16
mhump3c16
mwash6c16
jisaq1c16
jtall6c16
msunf5c16
mhump1w14
jsunf1w14

Clothianidin
(Poncho®)

n

Population

1

Active Ingredient

Table 1.5 (Continued)

Table 1.6
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2016

3
6
8

Imidacloprid + Thiodicarb
Thiamethoxam
Imidacloprid

2

Imidacloprid

3

Clothianidin
9

4

Imidacloprid

Thiamethoxam

9

Thiamethoxam

2015

3

Imidacloprid + thiodicarb

2014

na

Active Ingredient

Year

1201

889

485

280

2820

332

477

1404

468

Hills Region

nb

2.66

4.79

1.67

28.21

25.46

11.56

0.51

4.52

6.90

Mean

0.49

1.22

0.41

27.84

14.56

5.37

0.29

2.40

3.05

Low

LC50

5.57

10.65

3.02

28.58

46.78

21.44

0.83

7.43

9.96

High

11.4

8.7

7.4

1.0

3.2

4.0

2.9

3.1

3.3

Variability

Results of 2014-2016 assays in both Hills and Delta Region pooled by insecticide assayed and year.

8
15
11

Thiamethoxam
Imidacloprid

1

Imidacloprid + Thiodicarb

Clothianidin

5

3

Clothianidin

Imidacloprid

8

Imidacloprid

6

13

Thiamethoxam

Thiamethoxam

6

Imidacloprid + Thiodicarb

1590

2337

115

118

919

1463

280

1339

1805

702

Delta Region

LC50 values reported in parts per million of active ingredient (PPM).
a. Number of independent assays
b. Number of thrips assayed
c. Highest LC50 / lowest LC50

2016

2015

2014

Table 1.6 (Continued)

43
6.24

9.76

8.21

29.92

16.88

22.10

17.64

0.90

16.71

22.03

1.77

1.39

1.30

1.77

2.74

13.84

0.17

9.24

5.71

32.82

31.37

23.02

32.82

223.04

29.92

1.96

31.34

41.45

18.5

22.6

17.7

18.5

81.4

2.2

11.5

3.4

7.3

n
13 16.71 a (±1.60)
9 4.52 c (±0.51)

8 0.90 c (±0.22)

Delta

Hills

Delta
0.4

0.6

8.1

29.8

RR1

2

5

9

28.21 a (±2.84)

16.88 a (±5.71)

Imidacloprid

25.46 a (±3.83)

6 22.10 ab (±9.03)

n

20.4

12.1

45.5

39.5

Thiamethoxam
LC502
RR1

2015

8

11

6

15

n

2.66 b (±0.68)

6.24 b (±2.88)

4.79 c (± 1.34)

9.76 bc (±2.06)

LC502

2016

1.9

3.14

8.6

17.4

RR1

LC50 estimates reported in parts per million of active ingredient (PPM).
LC50 data log transformed for statistical analysis. Actual means shown. LC50’s followed by the same letter within an insecticide are not significantly
different (Fishers Protected LSD (a=0.05))
1. Resistance ratios were calculated by dividing the average LC50 for each field colony by the mean laboratory colony LC50 of 0.56 PPM for
thiamethoxam and 1.40 PPM for imidacloprid.
2. Lethal concentration for 50% of the population

4 0.51 c (±0.12)

LC502

Region

Hills

2014

Average thiamethoxam and imidacloprid LC50 and resistance ratios (RR) for tobacco thrips, 2014-2016 in the
Mississippi Hills and Delta regions.

Source

Table 1.7
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141
166
145
136

jclayc
jnoxuc
jnoxuc
msharkc
msharkc

Thiamethoxam
(Cruiser®) +PBO

7.99

6.46

12.11

2.57

2.21

5.88

LC50

2

3.86

0

2.38

0.96

0

0.59

14.97

77.58

37.68

62.49

11.46

23.84

(5)

0.176

0.111

0.114

0.009*

0.763

0.121

95% Confidence
Interval (CI) P> χ2
Low3 High4

LC50 and confidence intervals reported in parts per million of active ingredient (PPM).
1) Number of thrips assayed
2) Estimate of the lethal concentration that would kill 50% of the population
3) Lower 95% confidence interval for the LC50 estimate
4) Higher 95% confidence interval for the LC50 estimate
5) Pearson Goodness-of-fit Statistics P> χ2 (*poor fit with P<0.10)
6) Slope of concentration in probit analysis
7) Probability of slope occurring by chance

142

200

jclayc

Thiamethoxam
(Cruiser®)
Thiamethoxam
(Cruiser®) + PBO
Thiamethoxam
(Cruiser®)
Thiamethoxam
(Cruiser®)
+PBO
Thiamethoxam
(Cruiser®)

Population n

1

0.699 (±0.172)

0.333 (±0.161)

0.349 (±0.116)

1.158 (±0.391)

0.230 (±0.116)

0.928 (±0.385)

Slope

6

<.0001

0.038

0.003

0.003

0.047

0.016

P of
Slope7

2016 Assay results from three populations comparing LC50 estimates for thiamethoxam with and without piperonyl
butoxide (PBO).

Active Ingredient

Table 1.8
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Figure 1.1

Aspirator used for thrips collection.
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VARIETAL RESPONSE TO TOBACCO THRIPS FEEDING IN COTTON
Abstract
Host plant resistance to thrips feeding on seedling cotton (Gossypium hirsutum L.)
has potential to reduce reliance on insecticides. Several species of thrips can infest cotton
seedlings; however, tobacco thrips (Frankliniella fusca (Hinds)) is the most abundant
species found in Mississippi. Thrips feed in cotton by extracting plant juices which can
result in reduced plant height and vigor, delayed crop maturity, and reduced yields. In this
field study, untreated seed from seventeen commercial cotton varieties were planted in
replicated plots. Plant damage ratings, vigor ratings, and thrips densities where recorded
several times throughout the study to assess resistance to thrips. Varietal responses to
thrips densities and injury was not consistent. Damage ratings in 2015 suggested potential
host plant resistance in certain varieties; however, in 2016 ratings were not statistically
different. Resistance appeared to be related to plant vigor, but not to leaf trichome
density.
Introduction
Two of the eight families of thrips, Thripidae and Phlaeothripidae, are members
of the suborder Tuberlifera and contain over half of the 5000 species of thrips that have
been described. Tobacco thrips (Frankliniella fusca (Hinds)), is a member of the
subfamily Thripinae (Hinds 1902), and the family Thripidae in the order Thysanoptera
56

(Mound et al. 1980). They are the most common species of thrips that infest seedling
cotton in Mississippi (Stewart et al. 2013).
Thrips measure one to two millimeters in length and are dorsoventrally flat
(Moritz 1997). They have a short development cycle lasting approximately 14-16 days
(Watts 1934). Female thrips can live from 20 to 40 days (Jones 2005) depending on
environmental conditions and can oviposit approximately 100 eggs (Watts 1934). Female
larvae develop from fertilized diploid eggs and male thrips develop from unfertilized
haploid eggs (Moritz 1997). Thrips lay eggs inside the leaves of young plants by
puncturing leaf tissue with their ovipositor (Telford and Hopkins 1957, Moritz 1997).
The plant tissue provides support for the egg until metabolic changes occur in the outer
coating to initiate hardening (Telford and Hopkins 1957, Moritz 1997). After oviposition,
eggs will hatch in approximately 2-26 days or when 116 degree days have been
accumulated (Hinds 1902, Watts 1934, Lowry et al. 1992). In order for thrips to continue
development temperatures must remain above 10.5ºC (Lowry et al. 1992). Degree days
are determined based on the average daily temperature (Briggs et al. 1983).
Developmental degree days are calculated by using the equation DD=((Tmax +Tmin)/2)Tbase (McMaster and Wilhelm 1997) where Tmax is the max is the maximum temperature,
Tmin is the minimum temperature, and Tbase is base temperature thrips can continue to
develop.
The larval stages last approximately 2-13 days or 75 degree days (Hinds 1902,
Watts 1934, Lowry et al. 1992). During the larval stages thrips are limited in mobility
since they are wingless, consequently feeding on or near their hatching location (Terry
1997). Thrips then transition into the first of two pupal stages (Hinds 1902, Watts 1934).
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The prepupa stage is a non-feeding but mobile stage (Hinds 1902) where the
development of the wings, advanced muscles, and digestive system begins (Moritz 1997).
Pupation will occur on the leaves of host plants or in the soil. Together the pre-pupal and
pupal stages last approximately 1-10 days or until 47 degree days have accumulated
(Hinds 1902, Watts 1934, Lowry et al. 1992). At higher temperatures, thrips will require
fewer days to complete development. A total of 234 degree days are needed to complete
development from egg to adult (Lowry et al. 1992). Tobacco thrips can overwinter as
hibernating adults, larvae on plants, or pupae in the soil (Chamberlin et al. 1992).
Thrips target cotton during its early development stages. In early spring, thrips
can complete several generations on wild hosts prior to cotton availability. As winter
hosts senesce, thrips move to new hosts. When selecting a host for mating, feeding, and
oviposition; thrips use a combination of long and short range cues including odor, color,
size, tactile and gustatory cues. Immatures or eggs present on the host is an indication of
host viability (Terry 1997). Beckham et al. (1971), found that several plant species serve
as winter and spring hosts of thrips including daisy fleabane (Erigeron annuus (L) Pers),
wild strawberry (Fragaria virginiana Duchesne), henbit (Lamium amplexicaule L.),
alfalfa (Medicago sativa L.), and many other species.
Thrips can cause damage to crops during the larval and adult stages (Moritz
1997). Thrips feeding occurs when cotton is at a young vulnerable stage during terminal
development (Gaines 1934). Thrips feed on plant juices by injecting their saliva into leaf
cells which liquifies their contents (Telford and Hopkins 1957). Two to three days after
feeding, air will begin to replace the cell contents of damaged or empty cells resulting in
a silvery sheen appearence (Harp and Turner 1976). Leaf growth magnifies damage,
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when cells surrounding the site of penetration continue to expand and divide, causing
distortion, malformation, tearing and turning upward of leaf edges (Newsom et al. 1953,
Telford and Hopkins 1957). After continued growth, the silvery sheen on the leaves will
transition to chlorotic and necrotic areas of damaged cells. If infestations are severe they
can cause excessive branching, aborted terminals, and stunted growth (Harp and Turner
1976). Tugwell and Cochran (1988) found severe thrips damage in Arkansas caused a
19% reduction in cotton plant population, reduced leaf area, and yield was reduced by
88%. In 2015, Thrips damage cost American cotton farmers $8,160,000 in yield loss
(Williams 2016, USDA AMS 2016).
Severity of thrips feeding depends on several factors, but the most important
factor is generally environmental conditions (Cook et al. 2011). Cool, wet weather or
drought conditions prolongs plant vulnerability (Cook et al. 2011). Layton and Reed
(1996) reported seedling cotton that develops under warm conditons with optimal
moisture levels can withstand higher thrips pressure. Rainfall can also suppress larval
thrips populations (Kirk 1997). Herbert (1998) found that when cotton seedlings
experienced a significant amount of environmental stress compounded with high thrips
populations, untreated plots were severely damaged (Herbert 1998). Using insecticide
seed treatments to protect against thrips damage has been beneficial because considerable
yield loss was seen in untreated plots. However, when thrips damage is not severe cotton
can recover from the damage since cotton is a compensatory crop (North Carolina State
University n.d.).
In order for a plant to be resistant to insects, it must have the ability to prevent
colonization, inhibit herbivory development, or prevent insect reproduction (Terry 1997).
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Morphological characteristics can contribute to host plant resistance. Characteristics such
as trichome length, width, and density; thickness of leaf cuticle; and waxes on leaf can
determine if the plant is inhabitable by thrips (Ananthakrishnana and Gopichandran
1993). The exact reason trichome density provides host plant resistance is unknown;
however, possible reasons are hairs preventing leaf access for feeding or oviposition or
the trichomes harming the insects. Frankliniella occidentalis larvae have a more difficult
time walking on tomato leaves with a higher trichome density, consequently leaving the
plant entirely or becoming trapped in the trichomes (Kumar and Winterhalter 1995).
Scolothrips sexmaculatus, a predatory thrips species, will lay less eggs on bean varieties
with hairy leaves than on cotton varieties with fewer trichomes (Sengonca and Gerlach
1984) as reported by Kirk (1997). Not all thrips species are negatively impacted by
trichome densities such as Thrips tabaci (Wardle and Simpson 1927). Some species of
thrips protect themselves by hiding on leaves with dense pubescence (Putnam 1965).
Protrusions or wax on the leaf surface can make it difficult for insects to lay eggs,
move across the leaf, or feed on the leaf (Zeir and Wright 1995). When a thick epidermal
wall is present insects can lay numerous eggs, but they will have difficulty hatching.
Once hatched, many larvae will not be able to feed through the thick epidermis and will
eventually die (Rosingh 1980) as reported by Kirk (1997). The first report of using a
resistant cultivar as a form of insect control for a major cotton pest occurred in Africa
(Butler et al. 1972). Lukefahr et al. (1965) also reported that cotton varieties without
extra floral nectar glands attract fewer arthropods due to the decrease in the food source.
Nectariless cotton also reduces plant bug populations by decreasing oviposition and
removing a food source for nymphs (Schuster et al. 1976).
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Plant metabolites have also been linked with potential host plant resistance. Some
secondary metabolites cause harm to insects during feeding and oviposition. Compounds
such as tannins, phenolics, and alkaloids are commonly found in resistant plants. The
plant can produce these compounds for protection at all times or they can be induced by
herbivory, pathogen infection or environmental factors. Ethylene production is induced
by three different thrips species when feeding on various hosts (Wien and Rosingh 1980,
Kendal 1990). Yang et al. (1993) found that, cultivated varieties of peanuts were more
susceptible to Frankliniella fusca (Hinds) damage than uncultivated varieties. The
difference in susceptibility was due to the change in cuticular lipids of blooms and foliage
in cultivated varieties when compared to uncultivated varieties. More specifically,
uncultivated varieties had phenolic acids and acetates which inhibit digestion (Yang et al.
1993).
Plant or leaf age can also effect host plant resistance. In some cases, as with
Stenchaetothrips biformis (Bagnall) on rice, adult male thrips lived longer as the seedling
increased in age from the one leaf stage to the five leaf stage. However, once the plant
age reached the sixth leaf the longevity began to decrease (Nugaliyadde and Henrichs
1984 ). Previous research has suggested that cotton varieties also vary in their resistance
to thrips (Studebaker 2002). This is not commonly evaluated, so it is not known if any
current varieties have resistance to thrips. To address this, the objective of this research
was to evaluate thrips resistance among current commercial varieties and to identify plant
traits associated with thrips resistance.
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Materials and Methods
A trial was conducted at the R. R. Foil Plant Science Research Center in
Starkville, MS, to evaluate damage from thrips feeding as influenced by cotton variety
during 2015 and 2016. Seventeen commercial cotton varieties were planted on 04 May,
2015 and 06 May 2016. Table 2.1 shows a list of all varieties and their relevant
characteristics used in the study. The trial was conducted using a randomized complete
block design with four replications. Plots consisted of 97 cm rows that were 12.2 meters
in length. Plots were planted at a rate of 174,000 seed ha.1 both years and no at-planting
insecticides or fungicides were used on any varieties (black seed). Damage and vigor
ratings were taken at second and third leaf stage 15-19 DAP and at 26-27 DAP,
respectively. Thrips populations were sampled 14 and 28 DAP during 2015, and 25 and
31 DAP during 2016.The variation in time of rating from 2015 to 2016 is partly due to
the difference in environmental conditions.
Damage ratings were recorded on a scale of 0-5 with 5 meaning plant death and 0
meaning no thrips damage. Plant vigor ratings were estimated using a scale of 1-10 with
one representing a plant with very poor growth and 10 representing a vigorously growing
healthy plant. Trials were managed according to Mississippi State Extension Service
recommendations with regard to fertility and weed management. Thrips counts were
reduced by rain prior to the 14 DAP counts in 2015 and the 31 DAP counts in 2016 so
these counts were excluded from the overall analysis.
In both years, thrips populations were sampled by randomly cutting five plants
below the cotyledons from each plot, and placing them into self-sealing plastic bags.
Thrips were washed using a method developed by Burris et al. (1990). The bags were
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filled with a 10% bleach and soap solution for 20 minutes. Plants were laid on a No. 100
sieve and washed with an alcohol solution from a 500 ml squirt bottle onto a 9-cm
diameter white filter paper. The filter paper was marked with gridlines to aid in thrips
counting. Excess alcohol was drained from the filter paper using a vacuum filtration
system. The filter paper was then placed into a petri dish and examined under a dissecting
microscope so adult thrips could be separated out by species. All immature thrips in
collections were counted under a dissecting microscope.
Based on initial damage ratings from 2015, the four varieties that appeared most
resistant to thrips: FM2011GT, PHY312 PHY222WRF, and ST4747GLB2 and the four
varieties that appeared most susceptible to thrips: PHY552WRF, DP1252B2RF,
PHY339WF and ST6448GLB2 were chosen for leaf hair analysis. Two leaves were
collected from the upper three nodes on five plants from each variety within each of the
four replications. A one square centimeter area on the underside of the leaf was
magnified with a 10x lens as well as the 20x magnification of a dissecting microscope
resulting in a total of 200x magnification. All hairs visible at this magnification were
counted.
A cool germination test was performed in a controlled environment growth
chamber in the Mississippi State University Insect Rearing Lab set at 18˚C in darkness
for seven days on the same eight varieties to use as a measure of seed vigor using the
methods described in Association of Official Seed Analysts (2002). Two-hundred seeds
were selected from each variety and placed in an eight replication test with 25 seeds in
each replicate. The seeds were placed in a brown paper towel, folded then rolled and
placed upright in a wire mesh basket. The basket was then placed in a tub of water until
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the paper towels had wicked up the water to approximately 5 cm above the location of the
seed. The mesh basket was then placed in a garbage bag to maintain a moist environment
for germination. Seed were evaluated after 7 days. Seed were said to be vigorous if they
had a combined radicle and hypocotyl length of 4 cm or longer.
Thrips damage ratings and plant vigor ratings were analyzed using PROC
GLIMMIX (Version 9.4, SAS Institute, Cary, NC). Damage ratings, vigor ratings and
thrips numbers taken were analyzed (by variety) with replication nested year as a random
factor. The cool germination test data and trichome densities were also analyzed using
PROC GLIMMIX with variety as a fixed factor and no random factors. Several
correlations were conducted to evaluate potential host plant resistance traits associated
with thrips namely: plant vigor rating and immature thrips counts, thrips damage ratings
and trichome density, variety germination results and plant vigor rating, and thrips
damage ratings and immature thrips counts. Raw data were used in the analysis that
suggest assumptions of ANOVA. Degrees of freedom were determined using the
Kenward-Roger method. Fisher’s protected least significant difference test was used to
separate treatments with α ≤ 0.05.
Results
Thrips infestations were moderate in 2015 and large in 2016 based on field data.
Damage ratings taken in 2015 showed differences among varieties in their ability to
withstand thrips feeding; however, there were no significant differences among varieties
for damage ratings in 2016. (Table 2.2). In 2015 immature thrips counts were not
statistically different among the sixteen varieties. In 2016, FM2484B2F, ST4946GLB2,
64

and PHY339WRF had the highest thrips infestations. Damage and vigor ratings were not
statistically different between varieties in 2016 (Table 2.2). Only three leaf damage and
vigor ratings were included in Table 2.2 because this period best expressed the
cumulative damage that occurred from thrips feeding. In Table 2.3, trichome density was
not significantly different between varieties (F= 1.31; df= 7, 24; P= 0.29). However,
varieties did vary in the cool germination test (F= 10.74; df = 7, 56; P= <0.001) (Table
2.3). The varieties with the highest germination rate were PHY222WRF, FM2011GT,
PHY339WRF, and PHY312WRF with germination ranging from 76% to 83%.
The correlation between plant vigor and thrips counts was evaluated during both
years to assess if thrips preferentially attacked the most or least vigorous plants in a field.
The correlation was not significant in either year (Table 2.4). Thrips damage ratings and
trichome density were also not correlated (Table 2.4). In 2015, thrips damage ratings
were correlated with immature thrips counts (Table 2.4). However, in 2016 there was no
correlation between thrips damage ratings and immature thrips counts (Table 2.4). Thrips
damage ratings and plant vigor ratings did correlate (Table 2.4).
Discussion
In 2015, with moderate immature thrips pressure and 11.15 cm of rain in May
(Mississippi State Extension Service 2016), there were significant differences in thrips
damage among varieties. In 2016 high thrips pressure was observed and only 0.06 cm of
rain fell during May (Mississippi State Extension Service 2016), and there were no
significant differences among varieties. Limited rainfall intensified damage on cotton by
allowing thrips to remain on the seedling for extended periods of time (Kirk 1997, Cook
et al. 2011) (Table 2.2). Therefore, it appears that high thrips pressure and low rain can
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overwhelm host plant resistance qualities in current commercial varieties. In contrast,
there were no significant differences among varieties in thrips densities in 2015 when
densities were moderate, but there were differences when densities were high in 2016.
Nine varieties were among the lowest damage ratings in 2015 and had low thrips
numbers in 2016. They were PHY222WRF, ST4747GLB2, FM2011GT, FM1900GLT,
PHY495W3RF, PHY333WRF, PHY444WRF, PHY499WRF, and FM 2334GLT. Only
two varieties were significantly more susceptible than the best varieties in both yearsPHY339WRF and ST6448GLB2.
The results suggest that some host plant resistance exists among commercial
varieties. Unfortunately, no strong host plant characteristics were identified in this
research. The lack of a correlation between plant vigor ratings and immature thrips counts
suggests that plant vigor was not consistently affected by thrips, but was affected by other
unknown factors. Plant vigor taken in the field positively correlated with vigor ratings
from the cool test, so plant vigor was consistent over these independent measurements.
Leaf trichome density did not have an effect on thrips damage; however, several
other leaf characteristics that were not measured such as leaf thickness and number of
gossypol glands that could have an effect on thrips (Rummel and Quisenberry 1979)
Additionally, kairomone or allomone production by the plant could have an effect on
thrips (Delphia et al. 2007). If a variety has an extremely thick cuticle, this could possibly
deter thrips from feeding on that variety (Rummel and Quisenberry 1979). Pigment
glands release gossypol, a highly reactive phenolic compound which can deter insect
feeding (Gadelha et al. 2014).Therefore, if the variety has many gossypol glands that
could provide some host plant resistance. Plant volatiles could also play a role in host
66

plant resistance by either deterring insect herbivores or attracting insect predators or
parasitoids (Delphia et al. 2007).
This trial has renewed the search for host plant resistance traits found in cotton
against tobacco thrips. Past research has attributed thrips host plant resistance to several
factors such as years of variety commercialization (Johnson et al. 2011), glanded or
glandless cotton (Salman et al. 2011), and okra leaf cotton (Salman et al. 2011). Johnson
et al. (2011) reported cotton varieties that have been commercialized longer proved to be
more resistant to thrips damage compared to newly commercialized varieties; however,
most of the varieties in the current trials were recently released. Salman et al. (2011)
reported that okra leaf and frego bract varieties had fewer thrips than glandless cotton. No
okra, frego bract, or glandless cotton varieties were tested in this research, as they are not
commercially available in the midsouthern United States. Similar to our findings,
trichome count was not considered to be a factor of host plant resistance for thrips in a
study performed by Noonari et al. (2015).
A limitation of this research was that only commercial varieties that were adapted
for the Mid-South were planted in this trial. Access to cotton breeding lines would have
been useful in selecting germplasm outside of current commercialized varieties that
possessed characteristics that may provide resistance to thrips.
Developing varieties with better host plant resistance could increase crop yields,
decrease producer expenses, and increase crop nutritional value. Host plant resistance
could be obtained by genetically modifying a crop or by traditional breeding. It is vital to
human survival that agriculturalists research all possible aspects of this science
thoroughly to ensure world hunger is kept at a manageable level. Varieties with
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characteristics that would serve as a control method for insect pests would open a new
door for tobacco thrips management in cotton. Thiamethoxam and imidacloprid, the two
main neonicotinoid seed treatments used to control tobacco thrips, have been recently
reported as resistant (Huseth et al. 2016). Host plant resistant qualities may also prove
useful to help in managing other insects. Further research is needed on varieties with
potential host plant resistance characteristics to determine the true cause of resistance to
tobacco thrips. A well-developed resistant variety would allow for a more reliable
method of control that would be a better starting point for cotton production.

68

Table 2.1
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Bayer
Dow
Monsanto

Bayer
Dow
Dow

GLB2
GLB2

GLT
GLB2

ST6448

PHY339 WRF
B2RF

ST4946

DP1321

FM2334

ST4747

PHY222 WRF

PHY333 WRF

Bayer

Bayer

Monsanto

B2RF

Bayer

DP1252

GT

FM2011

Bayer

Dow

B2F

FM2484

Companyb

PHY499 WRF

Traita

Variety

2014

2014

2014

2014

2013

2013

2013

2013

2012

2012

2012

2012

Yearc

Hairy

Smooth

Semi-Smooth

Smooth/Normal

Semi-Smooth

Semi-Smooth

Smooth/Normal

Semi-smooth/Normal

Smooth

Smooth

Semi-smooth/Normal

Smooth/Normal

Leaf Pubescence

Early

Very Early

Normal

Medium

Early-Mid

Early

Full

Early-Medium

Full

Mid

Early

Medium

Maturity

(Dow 2016c)

(Dow 2016b)

(Bayer 2016d)

(Bayer 2016b)

(Monsanto 2016a)

(Dow 2016g)

(Bayer 2015)

(Bayer 2016e)

(Monsanto 2016b)

(Dow 2016e)

(Bayer 2013)

(Bayer 2016c)

Sources

Cotton varieties used in thrips resistance trial along with reported characteristics which include variety technology,
commercializing company, year commercialized, leaf pubescence, maturity rate and source of information.

Dow
Dow
Dow
Dow

PHY312 WRF

PHY495 W3RF

PHY444 WRF

PHY552 WRF

2016

2016

2015

2015

2015

Hairy

Smooth

Semi-Smooth

Hairy

Semi-smooth/Normal

Full

Mid

Mid

Early

Early-Medium

(Dow 2016f)

(Dow 2017)

(Dow 2016d)

(Dow 2016a)

(Bayer 2016a)

a. Transgenic traits in the variety.B2F Genuity® Roundup Ready® Flex Bollgard® II, B2RF . Genuity® Bollgard®II Roundup Ready® Flex, GLB2 . Glytol®. LibertyLink® Genuity® Bollgard® II, GLT Glytol®
LibertyLink® TwinLink®, GT Glytol®, WRF Widestrike® Genuity® Roundup Ready® Flex, and W3RF Widestrike® 3 and Genuity® Roundup Ready® Flex
b. Variety developer
c. First Year of variety commercial release

Bayer

GLT

FM1900

Table 2.1 (Continued)
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7.75(±0.14)BC

7.63(±0.13)BC
7.19(±0.34)BC

3.00(±0.26)B-F

PHY499WRF

7.13(±0.38)C
0.001

3.63(±0.35)A-C
3.63(±0.43)A-C
3.81(±0.39)AB
4.25(±0.51)A
0.010

PHY339WRF

PHY552WRF

DP1252B2RF

ST6448GLB2

P>F

7.13(±0.24)C

7.50(±0.20)BC

7.75(±0.32)BC

8.0(±0.20)AB

3.13(±0.29)B-E
3.44(±0.35)A-D

FM2334GLT

DP1321B2RF

7.88(±0.47)A-C

3.00(±0.37)B-F

8.00(±0.29)AB

ST4946GLB2

2.88(±0.34)B-F

FM2484B2F

7.75(±0.48)BC

2.88(±0.26)B-F

2.75(±0.30)B-F

PHY333WRF

7.56(±0.26)BC

6.25(±0.48)D

8.00(±0.20)AB

8.00(±0.41)AB

7.38(±0.24)BC

8.63(±0.24)A

Plant
Vigor Ratingsb
(0-10)
at 3 leaf

PHY444WRF

2.63(±0.21)C-F

PHY495W3RF

FM2011GT
2.50(±0.30)E-F

2.44(±0.35)EF

ST4747GLB2

2.63(±0.32)C-F

2.25(±0.34)EF

PHY222WRF

FM1900GLT

2.00(±0.16)F

Variety

PHY312WRF

Thrips Damage
Ratingsa
(0-5)
at 3 leaf

2015

0.135

19.00(±4.85)

18.50(±11.17)

12.00(±4.24)

32.75(±14.81)

31.75(±8.87)

13.75(±6.17)

6.75(±3.47)

15.50(±5.20)

19.25(±8.83)

18.00(±4.92)

5.25(±3.64)

12.50(±6.30)

3.25(±1.65)

17.50(±6.64)

7.75(±3.52)

16.50(±4.66)

0.256

3.60(±0.27)

3.00(±0.19)

3.78(±0.22)

3.20(±0.24)

3.43(±3.08)

3.35(±0.32)

3.83(±0.26)

3.20(±0.37)

3.80(±0.31)

3.43(±0.25)

3.30(±0.23)

3.38(±0.33)

3.00(±0.29)

3.90(±0.18)

2.98(±0.26)

3.22(±0.41)

Thrips
Immature Thrips Damage
Countsc
Ratings
at 3 leaf
(0-5)
at 3 leaf
6.25(±2.10)
3.80(±0.19)

80.75(±15.82)B-D
0.001

0.3618

30.25(±8.20)F

36.50(±11.21)EF

86.50(±24.73)A-C

56.00(±6.94)B-F

34.50(±8.51)F

65.75(±12.53)B-F

95.75(±23.26)AB

59.25(±16.33)B-F

124.75(±4.92)A

47.25(±5.17)C-F

43.75(±10.23)D-F

50.00(±11.83)C-F

75.75(±17.47)B-E

70.75(±8.61)B-F

42.75(±6.92)D-F

62.5(±9.71)B-F

Immature thrips
Counts
at 2 leaf

4.50(±0.65)

6.75(±0.25)

4.50(±0.65)

6.25(±1.11)

6.00(±1.00)

4.25(±0.75)

5.50(±0.87)

5.25(±0.85)

6.50(±0.65)

4.75(±1.11)

5.50(±0.65)

6.00(±1.29)

4.00(±0.71)

5.00(±0.71)

5.50(±1.04)

5.00(±1.08)

2016
Plant
Vigor
Ratings
(0-10)
at 3 leaf
6.25(±0.63)

Mean damage ratings, vigor ratings, stand counts, and immature thrips counts on 17 varieties 2015-2016.

a. Damage ratings using a scale of 0-5 with 5 meaning plant death and 0 meaning no thrips damage.
b. Vigor ratings using a scale of 1-10 with one representing a plant with very poor growth habits and 10 representing a vigorously growing healthy plant.
c. Days after planting total number of immatures per five plants
d. Days after planting
Ratings and thrips numbers followed by the same letter within a column are not significantly different (Fishers Protected LSD (α≤ or =0.05)

Table 2.2
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Table 2.3

2015 Cool test results and trichome counts from four thrips-resistant and
four thrips-susceptible commercial cotton varieties
Variety

Mean Percent

Mean trichrome

Germination

density (cm2)

Per 200 seeds
PHY222WRF

83% (±0.04)A

22.25 (±5.59)

FM2011GT

82% (±0.04)AB

40.25 (±4.30)

PHY 339WRF

82% (±0.03)AB

12.85 (±5.13)

PHY312WRF

76% (±0.06)AB

31.35 (±7.08)

ST4747GLB2

67% (±0.08)BC

25.55 (±5.07)

DP1252B2RF

59% (±0.07)DC

10.10 (±1.92)

PHY552WRF

50% (±0.06)DE

38.12 (±18.64)

ST6448GLB2

35% (±0.02)E

29.55 (±14.93)

P-Value

<0.0001

0.2891

Values followed by the same letter within a column are not significantly different (Fishers Protected LSD (α≤ or =0.05)).
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Table 2.4

Correlation results for plant vigor vs thrips counts, plant damage vs.
trichome count, and cool germination test results vs. plant vigor.
Correlation

Plant Vigor Rating vs.

2015
(r=0.172, P=0.509)

2016
(r= -0.087, P=0.7403)

Immature Thrips Counts
Thrips Damage Ratings

(r=0.343, P=0.4052)

vs. Trichome Density
Variety Germination

(r=0.784, P=0.04)

Results vs. Plant Vigor
Rating
Thrips Damage Ratings

(r=0.523, P=0.031)

vs Immature Thrips
Counts
Thrips Damage Rating vs

(r=0.784, P=0.021)

Plant Vigor Rating
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(r=0.97, P=0.711)
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CHAPTER III
NEONICOTINTOID SEED TREATMNT SEED TREATMENT DISTIBUTION AS
INFLUENCED BY SOIL TYPE AND WATERING AMOUNT
Abstract
A laboratory study was conducted with clothianidin-treated corn seed planted in
pots containing one of three soil types: silty clay loam, sand, or clay. Each pot was
subjected to a high or low watering treatment throughout the trial. The soil in the high
water treatment was saturated every other day so that water could be collected after
passing through the soil. The low water treatment received half as much water so the
plants could grow normally but no water passed through the soil. Clothianidin
concentrations were measured in the soil, runoff water (high water treatment only), and
corn tissue. The highest levels of clothianidin in V3 tissue were found in plants from silty
clay loam and sand in the low water treatment. The sand leachate had the highest
concentration of clothianidin at planting. The low water treatment soil samples had
significantly less clothianidin than the high water treatment soil samples, but this may
have been due to sampling methods. This study demonstrates that characteristics of the
soil and rates of watering influence the probability of water-soluble insecticide movement
in soil. The initial likelihood of movement is highest in sandy soils with excess water.
Clay soils and soils with high organic matter can bind up the insecticide rapidly, reducing
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the likelihood of leaching, but also limiting the availability to the plants for crop
protection.
Introduction
Neonicotinoids are a widely used class of insecticides due to their broad-spectrum
activity, low application rates, and translocation abilities (Horowitz 2004). Worth 535
million dollars in 2008, neonicotinoids are a versatile insecticide class that can be applied
as a seed treatment, foliar application, or in-furrow treatment (Elbert et al. 2008).
Approximately 60% of all neonicotinoids used in agriculture are applied as soil/seed
treatments (Jeschke et al. 2011).Their systemic and translaminar nature allows them to
move through the entire plant and protect against piercing sucking insects for an extended
period of time (Elbert and Overbeck 1990, Baur et al. 2007, Elbert et al. 2008).
Neonicotinoids are susceptible to leaching because they are applied to the soil.
Leaching of insecticide is largely determined by soil type (Bonmatin et al. 2015). Soil
particles vary in size, shape and color (Table 3.1). The most common soil textures from
largest to smallest particle size from very coarse sand (2.00mm) and to clay (0.002mm),
respectively (Brown 2003). Organic matter has a particle size similar to clay (Brown
2003). Cation exchange capacity (CEC) measures the total number of exchangeable
cations a soil can hold and is influenced by soil pH, organic matter and clay content
(Tisdale and Nelson 1966). Increasing soil pH increases CEC by neutralizing hydrogen
ions, which increases the negative surface charge which can bind with exchangeable
cations. Ideal soil pH ranges from 5.5 to 8 for most crops (IPNI 2006). The many, small
negatively charged soil particles of clay and organic matter attract and hold on to many
positively charged particles (IPNI 2006). As a result, clay soil with a high level of
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organic matter exhibits limited neonicotinoid leaching due to the insecticide binding to
the soil (Cox et al. 1997, Selim et al. 2010, Bonmatin et al. 2015). Clay can have a CEC
ranging from 10-150 cmol/kg depending on type of clay (IPNI 2006). Organic matter is
similar to clay, with CEC ranging from 200-400 cmol/kg (IPNI 2006). Neonicotinoid soil
persistence can vary with soil water content. Moisture disperses the insecticide in the soil
profile. Consequently, soil applied insecticides may become less concentrated causing
reduced efficacy (Gupta et al. 2008). The dispersion of clothianidin in soil occurs in two
phases: an initial phase that is rapid and a second phase that is slower (Gupta et al. 2008).
Thiamethoxam concentration decreases with increasing moisture levels. This trend could
possibly be due to the effect moisture has on the degradation process. When soil was at a
submerged or field capacity moisture level, the anaerobic microbial population increased
which is the major route of thiamethoxam metabolism (Gupta et al. 2008).
Neonicotinoids remain in the soil for longer periods of time in cool temperatures and dry
conditions.
Formulation can also impact neonicotinoid persistence. In a study performed by
Gupta et al. (2002) comparing analytical grade, water dispersible powder, soluble
concentration, and suspension concentration formulations of imidacloprid, all water
soluble formulations had a higher percent of imidacloprid recovered in leachate than the
insoluble analytical grade imidacloprid. Solubility differences are likely influenced by the
additives that are included in the various formulations of the insecticide (Gupta et al.
2002).
Neonicotinoids are often applied as a seed treatment, where they can be taken up
by the roots of the plant and then transported to various portions of the plant through the
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xylem (Maienfisch 2001, Nauen et al. 2001). The absorption of insecticide by plant tissue
is influenced by the compound’s ability to bind to the soil (Bonmatin et al. 2015). The
amount of seed treatment that binds to the soil determines how much insecticide is
readily available to the plant. This interaction depends on the root concentration factor
(RCF), which is a ratio between the concentration in the root and that of the solution
(Briggs et al. 1983).
The Environmental Protection Agency found that as much as 42 to 59% of
clothianidin applied to a field three to four years after application was found bound to soil
particles (De Cant and Barrett 2010). Another study indicated that as much as 90% of the
active ingredient of a seed treatment can remain in the soil anywhere from six months to
two and half years (Goulson 2013). An estimated 1.6 to 20% percent of the seed
treatment active ingredient can be absorbed by the crop (Sur and Stork 2003).
Consequently, the majority of the active ingredient remains in the soil (Goulson 2013).
The goal of this research was to determine how much of the clothianidin applied to the
seed at planting remains in the soil, moves to the tissue, or is removed in the leachate
from planting by the time corn (Zea mays (L.)) has reached the V3 stage of development.
Because soil type impacts insecticide availability and water levels impact leaching, the
specific objective of this study was to determine if moisture level and soil type influence
leaching and neonicotinoid uptake in corn tissue. Corn and clothianidin were used as a
model system due to the ease of growing corn in a greenhouse and the high solubility of
the clothianidin.
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Materials and Methods
This trial was conducted at Mississippi State University in the Clay Lyle
Entomology Greenhouse in 2015 and 2016. During 2015, the trial was planted on 08
September with three replications and six treatments in a completely randomized design
with a factorial arrangement of three soil types and two watering regimes (high and low).
In 2016, the trial was planted on 28 March in a completely randomized design with three
soil treatments, all receiving the high water regime. Only the high watering regime was
used in 2016 because sufficient data was collected from the low watering regime in 2015.
In both years there were three replications of each treatment, and three subsample pots in
each treatment of each replication.
Neonicotinoid-free silty clay loam, clay and sandy soils were collected from
different Mississippi State Experiment Stations (Table 3.2). The sandy soil used in 2015
was planted with neonicotinoid treated seed before collection of the soil for the 2016
experiment, so American Countryside All Purpose Sand (Sims Bark Company Inc.,
Florence, AL 35630) was used as the sandy soil in 2016. Because the all-purpose sand
had little to no nutrients, 22 ml of Miracle Grow Shake ‘n Feed All Purpose Continuous
Release Plant Food (Scotts Miracle-Grow Company, Marysville, OH 43041) was mixed
into each pot of sand before planting in 2016. During both years, black plastic pots (30.5
cm deep and 12.7 cm in diameter) were filled with approximately 3.8 liters of soil.
Prior to planting, the pots in the high water regime were watered until water
expelled from the pot. Pots were then allowed to drip for three hours before planting. Pots
in the low water regime (2015 trial only) were watered with half of the amount of water
as the saturated pots. Each pot was set on top of ceramic tiles inside a 23 liter bucket to
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facilitate leachate collection and to ensure that leachate could not reabsorb into the pot.
Three hours after initial watering, four seeds of Pioneer 1637YHR corn seed coated with
a Poncho 1250 (1.25 mg clothianidin/kernel) (Bayer Crop Science) seed treatment were
planted 5 cm deep by hand in each plastic pot. Beginning immediately after planting, pots
in the high water regime were watered every other day until a total of at least 250 ml of
water was expelled from the bottom of the pots within a soil type and replication. Low
water regime pots were watered with half as much water as the high water regime and
ranged from 100 to 250 ml of water per pot, depending on weather and soil type. This
amount of water allowed the corn to grow normally and prevented water from being
expelled from the bottom of the pot. Pots in both high and low water regimes were
watered seven and 11 times during the experiment in 2015 and 2016, respectively. Day
lengths during the three to four week long trials were between 11 and 12 hours in 2015
and 12-13 hours in 2016 (Sunrise-Sunset 2017). Plants were grown without supplemental
light during both years and greenhouse temperatures were maintained between 20º and
30ºC.
A graduated cylinder was used to water the pots in 2015; however, during 2016,
pots were watered using a Spiderman® plastic watering pot (Midwest Industries, Huron,
Ohio, 44890) with two liter capacity, 15.24 cm in height, 12.98 cm width, and 15.88 cm
in diameter. Leachate was measured and stored in a glass jar in a refrigerator until it
could be analyzed.
Corn was cut 23 September in 2015 and 13 April in 2016, when it reached V3.
During the first year, all plants were cut off at soil level, weighed, packaged in a Ziploc
bag, weighed and then sent to the USDA AMS Science and Technology Laboratory,
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Approval and Testing Division of the National Science Laboratory in Gastonia, NC
where they determined the levels of clothianidin in the plant tissue. Plant tissue was not
collected in 2016 due to cost of tissue sample analysis.
Soil samples were also taken at V3 in both unsaturated and saturated water
regimes during 2015. A JMC 46 cm soil sampler (Clements Associates Inc., Newton, IA)
was driven to the bottom of the pot of soil for each soil type within each water regime
and replication. Sub-samples for each soil type and water regime within a replication
were mixed in a bucket and a 9 g sample was placed in a 3.8 L Ziploc® bag to be shipped
for analysis at the USDA AMS Science and Technology Laboratory, Approval and
Testing Division of the National Science Laboratory in Gastonia, NC. New gloves were
worn to mix each sample and all tools were washed between sampling and mixing
procedures to avoid cross contamination of samples. After collection, soils were placed in
a refrigerator at 1.6˚C.
The tissue and soil samples were analyzed using the official agrochemical
pesticide extraction method (AOAC OMA 2007.01) or the QuEChERS (Quick, Easy,
Cheap, Effective, Rugged and Safe) method to determine their neonicotinoid
concentrations. The extraction material was analyzed by gas chromatography, liquid
chromatography and mass spectrometry (GC/MS, /GC/MS/MS, /LCMS/MS) (G.
DeGrandi-Hoffman et al. 2012, Kamel 2010). Using external calibration standards that
were prepared from certified standard reference material, quantifications were performed.
The limit of detection was one part per billion of clothianidin in corn tissue and soil
samples.

86

In 2015, pesticide concentrations in leachate could not be analyzed because too
little of the leachate was retained for laboratory analysis. Thus, the trial was repeated in
2016 so leachate samples could be analyzed. In 2016, leachate samples collected from
each soil type in each replication from the first watering date and the last watering date
were sent to the USDA AMS lab. The water sample was brought to a homogenous state
by mixing and the pH of the solution was adjusted to between seven and nine. Twenty
milliliters was extracted from the sample and 5 mL of pure methanol was mixed into the
solution. This subsample was then sent through a solid phase extraction cartridge to
obtain the anilities of interest. Anilities were retrieved from the cartridge using 5 mL of a
90% methanol and 10% water solution with a 2.5 pH or lower. Liquid chromatography
with a C18 analytical column and a tandem mass selective detection system was used to
analyze the sample for pesticide (Personal communication: Jonathan Barber, USDA).
Clothianidin concentrations in tissue, soil and leachate were analyzed using
PROC GLIMMIX (SAS Version 9.4, SAS Institute, and Cary, NC). Clothianidin
concentrations in V3 tissue, leachate and soil data were log transformed to normalize the
data. Data were analyzed as a fixed effects model with soil type and water treatment and
their interaction as fixed factors. The degrees of freedom were determined by using the
Kenward-Roger method. LSMEANS was used to calculate means which were separated
using Fisher’s protected least significant difference test (α = 0.05).
Results
Tissue samples collected at V3 had different concentrations of clothianidin based
on watering level, soil type and the interaction between the two (Table 3.3). At both
watering levels, V3 tissue from silty clay loam and sandy soils contained the highest
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concentrations of clothianidin, and these were not significantly different from each other
in either water treatment. Under both watering conditions tissue from clay soils had the
lowest concentration of clothianidin. (Figure 3.1). Tissue from the low water regime had
higher clothianidin concentrations than tissue grown in the high water regime over all soil
types. The interaction between soil type and water regime (F= 6.07, df=2, 12, p= 0.0151),
suggests that the differences in tissue concentration among soil types depended on the
watering level.
Clothianidin concentration in leachate at planting varied by soil type; however by
V3, soil type did not affect the concentration in leachate (Table 3.3). The sandy soil
leachate had the highest concentration of clothianidin at planting. Soil with a high sand
composition is known for its low binding ability, which keeps the insecticide in the soil
solution where it is vulnerable to leaching (Mortl et al. 2016). At planting, clothianidin
concentration in leachate collected from silty clay loam and clay soils were not
significantly different (Figure 3.2).
Neither soil type nor the interaction of soil type with water level had any impact
on the concentration of clothianidin in soil (Table 3.3). However, soil in the low water
regime had less clothianidin than high water regime soil (Figure 3.3).
Discussion
Knowing that there were differences between the two years in planting date,
temperature, and the sandy soil, a direct comparison between all the aspects of the
experiments may be inaccurate. Nevertheless, some insights can be gleaned by using
these data as indicators of what is happening to insecticides under various scenarios with
different soil types and watering regimes. Due to cost, leachate concentrations were only
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analyzed from the first and last watering times. To fill in the gaps a trial conducted by
Simon et al. (2013) that analyzed the decay of neonicotinoid seed treatments in guttation
drops was used to estimate the concentration of clothianidin in leachate over the period of
20 days. Since guttation drops are from soil moisture that is transported through the plant
(Simon et al. 2013), this is a reasonable estimate of neonicotinoid concentration in the
soil water which is available to leach during a rain event. The percent daily decreases
observed by Simon et al (2013) were used to estimate clothianidin decay curves based on
the leachate concentrations observed during this study (Figure 3.4). The observed
concentration of clothianidin at 0 DAP and 20 DAP were used as starting and ending
points with the percent daily decreases used to estimate the intermediate points for each
soil type. Based on these curves, the total amount of clothianidin lost in the leachate was
estimated.
Using the amount of clothianidin measured in the tissue and estimated in the
leachate, the overall distribution of clothianidin in different soil and water scenarios was
estimated. The amount presumed to be in the soil was calculated by subtracting the
quantity recovered in tissue and leachate from the initial 5 mg of clothianidin coated the
four corn seeds. As shown in Figure 3.5, an estimated >85% of clothianidin seed
treatment remained in the soil or was metabolized in a saturated water treatment at 20
DAP in all soil types. Clothianidin in soil has a half-life of 148-1155 days (USEPA 2003)
so approximately one to four percent of the clothianidin should have degraded during the
20 days of this trial according to the half-life equation. Stewart and Vineyard (2014)
found 10-12% of neonicotinoids were degraded by soil microbes at 15 days after
treatment. Tissue from silty clay loam soil contained the most clothianidin when
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compared to the other soil types, but across all soil types, less than 5% of the applied
clothianidin was found in the tissue, so plant uptake does not appear to be a major sink
for clothianidin. The concentration of clothianidin in leachate was highest in the sand,
then silt and clay had the least. Similarly, Schaafsma et al. (2016) reported sandy or silty
clay loam soil leach the most neonicotinoid with a saturated water regime consequently
leading to less neonicotinoid being taken up by the plant. Conversely, a clay soil with a
saturated water regime results in most of the seed treatment remaining in the soil. Getzin
and Chapman (2014) also found that soils such as clay with high organic matter and
cation exchange capacity are more likely to undergo a high rate of insecticide binding.
Figure 3.6 shows the estimated distribution of clothianidin in the tissue and soil under a
low water regime. The majority of the clothianidin was recovered in the soil of all three
soil types and the differences between the three soil types were minimal.
In a low water regime the seed treatment will either be taken up by the plant or
left in the soil profile, while under a high water regime, a portion of the insecticide can
leach out of the root zone. Interestingly, in our study the soil in the saturated water
treatment contained more clothianidin than the low water treatment soil. This may be
explained by the soil sampling method. When collecting the soil samples, care was taken
to avoid soil immediately adjacent to the seed to minimize variability. In the high water
treatment, the saturated soils provided opportunity for the seed treatments to move
throughout the soil, while most of the insecticide remained on or near the seed in the low
water regime (Schaafsma et al. 2016). Since soil near the seed was avoided during
sampling, soils in the low water regime appear to have less insecticide, leading to results
opposite of what was expected.
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Clothianidin has been detected in groundwater, streams, storm-water ponds, and
tidal creeks (Carbo et al. 2008, Jeschke 2008, Lamers et al. 2011, DeLorenzo et al. 2012).
It can remain in the soil profile for up to 700 days after application (De Perre et al 2015),
so any erosion or leaching from treated fields will likely contain some amount of
clothianidin. When clothianidin or other neonicotinoids are used across the landscape,
there is a chance of impacting non-target organisms, especially organisms that inhabit
aquatic ecosystems that receive runoff following rainfall or irrigation (Armbrust and
Peeler 2002). For example, Hyalella aztec Saussure and Chironomus dilutus Meigen are
two aquatic insect species that may come in contact with contaminated runoff after a
clothianidin insecticide application (De Perre et al. 2015).
Producers can use the information in this study to become more knowledgeable
about seed treatments in their crops. If the majority of the seed treatment will be bound
up in the soil, producers could make the decision not to use a seed treatment on soils with
high clay and organic matter content. If producers decide to use a seed treatment under
these soil conditions they will more likely have to make a foliar application. When using
a neonicotinoid seed treatment in a sandy soil with a shallow water table, irrigation could
be delayed until the third or fourth leaf stage to minimize the risk of groundwater
contamination and maximize seed treatment efficacy. When the plant has reached the
four-leaf stage of development, the seed treatment will have had time to bind to soil or be
absorbed by the plant. When dealing with a clay soil profile, risk from irrigation is
reduced since more of the insecticide will quickly become bound in the soil. If a
significant rainfall event occurs within the first few weeks of planting seed treatment
efficacy could be affected, consequently forcing the producer to make a foliar insecticide
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application. In order to minimize insecticide leaching, practices such as hipping rows to
plant on and practicing no-till conservation can minimize saturation of the seedling root
zone so that more of the insecticide stays near the seed and stays out of environmentally
sensitive areas.
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Table 3.1

Name of soil separates with their diameter limit
Soil Separate

Diameter limits (mm)

Very coarse sand

2.00-1.00

Coarse sand

1.00-0.50

Medium sand

0.50-0.25

Fine sand

0.25-0.10

Very fine sand

0.10-0.05

Silt

0.05-0.002

Clay

Less than 0.002
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Table 3.2

Soil Texture, collection site; percent clay, sand, and silt as reported by
A&L Labs, Memphis, TN

Soil Texture

Collection Coordinates
Site

Sandy Loama (2015)Starkville,
MS

N/A

Clay (2015-2016)

Stoneville, 33˚25’21.5” N, 90˚
MS
53’55.2” W

79%

16%

5%

Sand (2016)

Lowes
N/A
(American
Country
Side All
Purpose
Sand)
Stoneville, 33˚28’41.9” N,
MS
88˚46’51.4” W

7%

92%

1%

27%

20%

53%

Silty Clay Loam
(2015-2016)
a

33º28’41.9” N,
88º46’51.4”W

Clay Sand Silt

Analysis not conducted. Soil texture determined from Soil Survey Staff (2013)
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Table 3.3

Analysis of variance for concentration of clothianidin detected in corn leaf
tissue at V3, leachate and soil following corn planting with Poncho 1250
(1.25 mg clothianidin/kernel) seed treatment
Degrees of Freedom

Analysis

Response Variable

Stage

Num.

Denom.

F-value

P-Value

Water treatment

V3

1

12

429.56

<.0001

Soil type

V3

2

12

64.52

<.0001

Water trt* Soil Type

V3

2

12

6.07

0.0151

Soil Type

Plant

2

6

20.36

0.0021

Soil Type

V3

2

6

0.54

0.6106

Water treatment

V3

1

14

12.72

0.0031

Soil Type

V3

2

10

1.11

0.3670

Water trt* Soil Type

V3

2

10

3.48

0.0712

Tissue

Leachate

Soil
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C

B

D

0
Sand

Silty Clay Loam

Clay

Soil Type
Low

Figure 3.1

High

Mean (±SEM) concentration of clothianidin in V3 tissue from high and low
water treatment in sand, silty clay loam, and clay soil.

Letters assigned based on statistical analysis of natural log transformed data. Means with
the same letter are not significantly different (Fishers Protected LSD Test, α = 0.05).
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A
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Silty Clay Loam

Clay

SOIL TYPE

At Planting

Figure 3.2

V3

Mean (±SEM) concentration of clothianidin in leachate from high water
treatment soil at planting and at V3.

At planting and V3 data were analyzed separately. Untransformed means shown, but
letters assigned based on statistical analysis of natural log transformed data. Means with
the same letter are not significantly different (α = 0.05).
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1200
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800
600
400
200
0

A

B

High

Low
WATER
REGIME

Figure 3.3

Mean (±SEM) concentration of clothianidin in soil from high and low
water treatments at V3.

Untransformed means shown, but letters assigned based on statistical analysis of natural
log transformed data. Means with the same letter are not significantly different (α = 0.05).
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Estimated decay curves of clothianidin based on initial and final leachate
concentrations and guttation concentration changes observed by Simon et
al. (2013) .
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Estimated distribution of clothianidin in tissue, leachate, soil and
metabolites in different soils subjected to a high water regime.
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Estimated distribution of clothianidin in tissue, soil and metabolites in
different soils subjected to a low water regime.
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